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Improvements in the efficiency of hyperpolarized 129Xe gas produced by spin-exchange
optical pumping (SEOP) have opened up exciting new avenues for the application of 129Xe
magnetic resonance (MR) spectroscopy techniques. Xenon’s inert nature, high solubility in
biological materials, and large chemical shift range make it an excellent in vivo MR sensor.
Historically, experimental 129Xe polarization values have been well below the theoretical
maximum desired for biomedical imaging. In this work, depolarization by Rb nanoclusters
and dark Rb vapor during flow-through SEOP of 129Xe is studied with the aid of home-built,
ultra-low field NMR and optical spectrometers. In situ monitoring of 129Xe polarization and
atomic absorption spectroscopy measurements set an upper limit of 8.3×1015 cm−3 for the
density of Rb2 present in the optical cell during SEOP. Depolarization by dark Rb in the
outlet of the cell is also quantified.
Next, the effect of macroscopic susceptibility gradients on the traditional gas-phase
referencing method is studied using a human susceptibility model and finite-element analysis
calculations. A 1H referencing system is then proposed and demonstrated in vitro with
high-resolution 129Xe NMR and in vivo in rats, which leads to the identification of the origin
of previously disputed dissolved-phase 129Xe peaks.
The 1H referencing method is then applied to study the dependencies of the lipid-dissolved
129Xe chemical shift. The lipid-dissolved 129Xe chemical shift is found to be sensitive to
triglyceride hydrocarbon chain length and number of double carbon bonds. However, natural
variations in composition between human adipose tissue samples do not result in large
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variations in 129Xe chemical shift, enabling the calibration of absolute 129Xe MR thermometry
in lipids.
Finally, absolute 129Xe MR thermometry is used to study the thermogenesis of brown
adipose tissue (BAT) in mice incapable of activating thermogenesis by uncoupling protein 1
(UCP1). Despite UCP1 ablation, an increase of up to 3.0◦C is measured in the BAT of these
mice following BAT stimulation. The rate of increase in BAT temperature exceeded that of
rectal temperature indicating that heat was produced in or very near BAT. These results
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CHAPTER 1: INTRODUCTION
Since its first demonstration in 1946 by Bloch[1] and Purcell[2], nuclear magnetic resonance
(NMR) has developed into a powerful and flexible tool in the laboratory and clinic. NMR
spectroscopy has enabled the structural study of molecules in solution and has played an
especially important role in deducing the molecular structure of complex proteins[3]. In the
clinic, NMR imaging, known as magnetic resonance imaging (MRI) for historical reasons, has
enabled in vivo 3-dimensional imaging of the human body with good resolution and excellent
soft-tissue contrast. Shortly before the first demonstration of MRI in 1973 by Lauterbur[4],
Damadian demonstrated that the excellent soft tissue contrast of NMR could be used to
differentiate between healthy tissue and tumors[5]. The first in vivo image was published
shortly thereafter in 1977 by Mansfield and Maudsley[6]. Since then, MRI has become a
routine clinical imaging method for a number of applications including the diagnosis of
cancerous lesions, surgical planning, and high-resolution anatomical imaging of the brain, to
name a few.
1.1 Magnetic Resonance Physics
Fundamentally, magnetic resonance capitalizes on the non-zero nuclear spin of isotopes
such as 1H, 2H, 13C, 19F, 23Na, 31P, 129Xe, and others. The most commonly used nuclei are 1H,
followed by 13C, because of their abundance in organic molecules and tissues. Each nuclear
spin can be characterized by a gyromagnetic ratio (γ) that describes the angular frequency
of precession of the nuclear spin when placed in a static magnetic field. The gyromagnetic
ratio for some common nuclei used in MRI is given is Table 1.1
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Table 1.1: Common isotopes used for nuclear magnetic resonance measurements.
Nucleus Spin Natural Abundance (%) gyromagnetic ratio (MHz/T)
1H 1/2 ∼100 42.5763866[7]
2H 1 0.015 6.536[8]
13C 1/2 1.1 10.708[8]
15N 1/2 0.37 −4.317[8]
19F 1/2 ∼100 40.078[8]
31P 1/2 ∼100 17.251[8]
129Xe 1/2 26.44 −11.7767392[7]
1.1.1 The MR Signal
In practice, single nuclear spins cannot be detected in MR experiments. Instead, in MR
experiments we typically measure ensembles of spins in the entire sample (high resolution
NMR spectroscopy) or specific volumes or “voxels” within the sample (magnetic resonance
imaging and localized MR spectroscopy). Let our sample be composed of an ensemble of N
spin-1
2
nuclei1 in a static magnetic field B0. When an ensemble of spin-
1
2
nuclei are placed in a
magnetic field they will populate two energy levels, one with the spin oriented parallel to the
main magnetic field and one with the spin oriented antiparallel to the main magnetic field. For
nuclei with a positive gyromagnetic ratio, the parallel configuration is the most favorable one.
Polarization is a measure of the difference in population between the upper (antiparallel to
field, N−) and lower (parallel to field, N+) energy levels given by the Boltzmann distribution,





where ~ is the Planck constant (6.63×10−34 J·s), ω0 = γB0 is the nuclear precession (Larmor)
frequency, k is the Boltzmann constant (1.38×10−23 J
K
) and T is absolute temperature. The
1This semi-classical model does not hold for nuclei with spins > 12 ; however, since this work is primarily
concerned with spin- 12 nuclei, this model will suffice.
2
polarization can then be expressed in terms of the population difference





= N tanh (~ω0/2kT ). (1.2)
For an ensemble of nuclei in a clinical-strength magnetic field (∼1.5 T) the polarization is on
the order of 1 ppm. Since the energy separation of the two states ~ω0 is much smaller than
the thermal energy kT , the polarization can be well-approximated as
N tanh (~ω0/2kT ) ' N~ω0/2kT. (1.3)













where ρ0 is the spin density of the sample. Once in the static field, the sample magnetization
can be manipulated, in whole or in part, to give rise to the MR signal. The maximum MR
signal amplitude ξ that can be obtained from the magnetization M0, assuming a uniform
excitation field B1 perpendicular to B0, is then given by[9, 10]
ξ = ω0B1M0V. (1.5)
In general, then, since both ω0 and M0 are proportional to B0, the signal strength is
proportional to B20 .
In a real MR experiment, the measured signal will always be contaminated with a
minimum amount of thermal noise from the pickup coil given by[11]
ξnoise =
√
4kT ·BW ·R, (1.6)
3
where BW is the receiver bandwidth and R is the resistance of the coil. Because of the skin






















1.1.2 The Resonance Condition
A large proportion of magnetic resonance experiments can be completely explained by the
classical treatment of a magnetic moment of magnitude M0 precessing in a static magnetic
field. The magnetization vector ~M0 is nothing else than the sum of the individual nuclear spin
magnetic moments in our sample. The evolution of the magnetization vector in a magnetic
field ~B is described by the Bloch equation:
d ~M0
dt
= γ ~M0 × ~B. (1.9)
Now consider the same magnetization ~M0 in a static magnetic field with magnitude B0
oriented along ẑ as shown in Figure 1.1. At equilibrium, the magnetization vector aligns with
the static external field ~B0 (i.e. d ~M0/dt = 0). However, if we perturb the magnetization
vector out of equilibrium (Figure 1.2), Equation (1.9) tells us that the magnetization vector
will always precess around the applied magnetic field with a frequency given by
ω0 = −γB0. (1.10)
At equilibrium, however, when ~M0 is aligned along ~B0, no precession exists. In order to
perturb the magnetization, we will need to apply a magnetic field orthogonal to the direction
4
Figure 1.1: The net magnetization vector ~M0 aligns with the static field ~B0.
Figure 1.2: A perturbed net magnetization ~M0 will precess about the static field ~B0 with
frequency ω0.
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of the polarizing field ~B0. This can be accomplished by applying a linearly polarized ~B1
field with a characteristic frequency ω in the x̂-ŷ plane. The linearly polarized ~B1 field can
then be decomposed into two counter-rotating circularly polarized fields. The component
of ~B1 rotating in the same direction as ~M0 will be effective at producing a rotation of the
~M0 magnetization. For convenience, we can look at the precession of the magnetization in a
reference frame that rotates around ~B0 with a frequency ω. The x̂
′ and ŷ′ coordinates of this
new frame of reference, called “the rotating frame of reference”, are
x̂′ = x̂ cosωt− ŷ sinωt (1.11)
and
ŷ′ = x̂ sinωt+ ŷ cosωt. (1.12)
In the rotating frame, the expression of the applied field B1 simplifies to
~B1(ω) = B1x̂
′. (1.13)
In other words, in the rotating frame the magnetization vector only sees the applied field B1





= ~M0 × (ẑ(ω0 − ω) + x̂′ω1) = γ ~M0 × ~Beff (1.14)
where ω1 ≡ γB1 and ~Beff is the effective magnetic field applied to the ensemble. Now we




[ẑ(ω0 − ω) + x̂′ω1]. (1.15)
The forms of Equation (1.14) and Equation (1.15) beg the question: what if the frequency
of the applied field is equal to the Larmor frequency ω0? In this case, the effective field
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= ω1 ~M0 × x̂′. (1.17)
Thus in the rotating frame of reference, when the magnetic field is applied at the Larmor
frequency of the nucleus, the magnetization vector is most efficiently tipped into the x̂′-ŷ′
plane, as shown in Figure 1.3. The angle θ of the magnetization, relative to ~B0, is commonly
referred to as the B1 flip angle.
1.1.3 Relaxation Mechanisms
After the magnetization vector has been perturbed from equilibrium and transferred to










where T1 is the intrinsic longitudinal relaxation time constant[8]. The magnitude of T1
depends heavily on the molecular structure and motion surrounding the nucleus of interest.
Roughly, if the motion of the molecule containing the nucleus of interest is such that magnetic
interactions occur at a frequency similar to the Larmor frequency of the nucleus, T1 tends to
be shorter[12]. As the molecular motion gets faster or slower, say with change of temperature
or a phase change, T1 will tend to increase in general. However, the complicated dependence
of T1 on such factors as diffusion rate and nearest-neighbor interactions goes beyond the
scope of this work.
Once tipped into the transverse plane, the spins in the ensemble will also begin to precess
at slightly different frequencies due to inhomogeneities in the local magnetic field produced
by the presence of nearby spins[10]. The loss in spin phase coherence results in a decrease in
the Mx and My components of the magnetization vector that can be described by:




My = −M0 cos (ω0t)e−
t
T2 , (1.20)
where T2 is the intrinsic transverse relaxation time constant.
In addition to the intrinsic T2 relaxation, further relaxation contributions come from
inhomogeneities in the external magnetic field. For example, at the interface of two materials
with different magnetic susceptibilities, like fat and muscle, magnetic susceptibility gradients
distort the homogeneity of the external magnetic field. These field inhomogeneities shorten the
time during which spins precess coherently since spins at different positions “see” very different
magnetic fields. Relaxation contributions from such inhomogeneities are characterized by a
separate relaxation time T′2 that combines with T2 to give an effective transverse relaxation











Dephasing caused by external field inhomogeneities can be recovered by carefully designed
RF pulse sequences[13, 14], whereas the dephasing caused by intrinsic interactions usually
cannot. It is important to clarify that the difference between T2 and T
′
2 is often very subtle
and in general depends on the time scale that one is investigating. Indeed, some of the
dephasing mechanisms that characterize T2 could also be refocused with an appropriately
designed pulse sequence. In general, however, the differentiation between the two is made
between contributions that can be refocused and those that cannot. The relaxation rates R?2,
R2, and R
′
2 are simply the inverse of the corresponding relaxation times.
1.2 Spin Exchange Optical Pumping of 129Xe Gas
Most magnetic resonance experiments are performed using 1H nuclei since the MR signal
from less abundant nuclei is weak. In recent years, to compensate for the low density of
some nuclei, various hyperpolarization techniques have been devised. Hyperpolarization
increases the spin population difference (Equation (1.2)) and hence the resulting MR signal.
This enables measuring nuclei that would otherwise not be detected. For gases, the most
common polarization mechanism is spin-exchange optical pumping (SEOP). With SEOP
polarization levels 5 orders of magnitude higher than those given by Boltzmann polarization
are made possible by transferring the polarization of laser light to an alkali vapor (optical
pumping), which in turn transfers atomic polarization to 129Xe nuclear polarization through
spin-conserving collisions (spin exchange). In this section, we review the fundamental
physics of spin exchange optical pumping (SEOP) and outline the hardware typically used to
accomplish continuous-flow SEOP in the lab. For a detailed treatment of the most general
cases of optical pumping and spin exchange physics, see Refs. [15] and [16].
1.2.1 Depopulation Optical Pumping of Alkali Metal Vapors
Spin-exchange optical pumping begins with a saturated alkali vapor contained within























Figure 1.4: Diagram of the relevant energy levels of Rb atoms during SEOP processes.
Hamiltonian can then be written as[16, 17]




where Aa is the magnetic dipole coefficient, Ia is the alkali nuclear spin quantum number, S
is the alkali valence electron spin, gs is the electronic g-factor, µB is the Bohr magneton, Sz
is the projection of the electronic spin along the static field B0, µa is the nuclear magnetic
moment, and Iaz is the projection of the nuclear spin along the external magnetic field. In
most SEOP setups, the static field is relatively small such that the Zeeman effect is small
compared to the hyperfine interaction. Furthermore, a small amount of He buffer gas is
added to the cell in order to pressure-broaden the atomic absorption line widths, leaving
the hyperfine energy level splitting unresolved. The resulting energy levels are depicted in
Figure 1.4.
The first step in a SEOP setup is to polarize the valence electron of the alkali metal atoms
using laser light, i.e. to force all of the alkali metal atoms into the same 2S1/2 spin state and
generate the maximum polarization possible. This can be accomplished by illuminating the
Rb vapor with left-handed circularly polarized laser light (σ+) tuned to the 2S−1/2 →2P1/2
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atomic transition of the alkali metal. Obeying selection rules, the atom absorbs the spin-1
photon and makes a transition to the spin-up excited state 2P1/2. Left to its own devices, the
alkali atom would relax back to ground state and emit a photon with a random polarization
that could in turn be absorbed by another alkali atom. This process can lead to radiation
trapping [18–21] that spoils the alkali polarization. Typically, N2 gas is also placed in the cell
in order to quench the alkali excited state without re-emission of a photon. At the same time,
alkali atoms collide with noble gas atoms, mixing the excited state sublevels and resulting
in an equal probability that an optically excited photon will return to either ground state.
Since the 2S−1/2 sublevel is being actively depopulated, the final result is that nearly all of
the alkali atoms are rapidly polarized into the 2S1/2 sublevel.
For 129Xe polarization, optical pumping is typically accomplished with Rb vapor since
it has a D1 transition at 794.7 nm that is well separated from other atomic transitions[15]
and for which high-power light sources are readily available (e.g. dye lasers[16, 18] and, more
commonly, laser diode arrays [22–30]).
1.2.2 Spin Exchange
The second stage of SEOP, spin exchange, is responsible for transferring the optically-
pumped Rb vapor polarization to the 129Xe nuclei. In general, the spin exchange interaction
can occur through Rb atoms binding to 129Xe in either van der Waals molecules or in binary
collisions. For typical continuous-flow SEOP polarizers, gas pressures are high enough (> 1
atm) to make the collisional lifetime of van der Waals interactions short to the point where
they contribute only negligibly to spin relaxation processes[16].
The spin-dependent interactions V1(R) responsible for polarization transfer between Rb
and 129Xe depend strongly on R, the interatomic separation of Rb and 129Xe atoms, and are
typically denoted in the literature by
V1(R) = γ(R)N · S + Ab(R)Ib · S, (1.23)
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where the first term describes the spin-rotation interaction between the Rb valence electron
spin and the rotational angular momentum N of the Rb-129Xe atomic pair and the second
term is the isotropic hyperfine interaction between the Rb valence electron spin and the 129Xe
nuclear spin Ib. The constant Ab(R) gives the strength of the isotropic hyperfine interactions
and hence of the spin-exchange process. The strength of the spin-rotation interaction, which
is responsible for decreasing spin-exchange efficiency by transforming the Rb valence electron
polarization into translational motion of the atoms rather than 129Xe nuclear polarization, is
given by the constant γ(R).
1.2.3 The Continuous-flow SEOP Polarizer
A typical continuous-flow SEOP polarizer arrangement is depicted in Figure 1.5. A lean
gas mixture of 1% xenon, 10% N2, and 89% He flows into a presaturation region heated
above oven temperature that contains a relatively large amount of Rb (> 1 g). The gas
mixture, ideally, will be fully saturated with Rb vapor and flow a short distance into the
optical pumping cell. The optical cell is located within a pair of Helmholtz coils that provide
a weak (∼20 G) magnetic field needed for optical pumping and serve as the B0 for NMR
measurements of 129Xe polarization. The optical cell is maintained at a constant temperature
by a forced-air heater and temperature controller that warms the entire oven enclosure.
Once the gas mixture enters the optical cell, it is illuminated by left-handed circularly
polarized pumping laser light tuned near the Rb D1 transition and directed counter to the
gas flow direction. After polarization by SEOP, the polarized 129Xe and buffer gases exit the
cell and flow towards the cold finger. The cold finger is submerged in liquid N2 resulting in
the cryogenic collection of polarized xenon and free flow of the rest of the buffer gases out the
vent. When cryogenic collection is completed, the vent is closed and the liquid N2 replaced
with warm water, which will sublime solid xenon into gas.
12
Figure 1.5: Block diagram of the continuous-flow spin-exchange optical pumping 129Xe
polarizer.
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1.3 Overview of Contents
Overall, this work seeks to understand current limitations in the continuous-flow SEOP
process in order to improve final 129Xe polarization efficiency. A higher polarization efficiency
means more available 129Xe MR signal, and thus the capacity to utilize 129Xe as a powerful
in vivo probe.
Chapter 2 presents details of the current limitations of continuous-flow SEOP and
the discrepancy between theoretical and experimental polarization values reported in the
literature. To address these limitations and better understand the origin of the SEOP
inefficiency, ultra-low field NMR and optical spectrometers are designed and constructed in
order to enable monitoring of 129Xe polarization and Rb vapor density in situ. A complete
description of the various components is given in this chapter.
In Chapter 3 of this work, the hardware described in the previous chapter is used to
study some of the depolarizing mechanisms present during SEOP. First, broadband atomic
absorption spectroscopy measurements are performed in the polarizer optical cell during
polarization in order to search for the characteristic absorption band of Rb dimers, which have
been proposed as an explanation for sub-optimal 129Xe polarization during continuous-flow
SEOP. Secondly, a combination of in situ 129Xe NMR measurements on the optical cell
outlet are used to measure the effect of un-illuminated Rb vapor (dark Rb) on the final 129Xe
polarization.
Chapter 4 begins with a brief introduction to the origin and practical utility of the
chemical shift in NMR spectroscopy. Then, it outlines some of the problems associated
with the conventional reference standard for 129Xe NMR spectroscopy. Specifically, for 129Xe
NMR spectroscopy the reference standard is the gas phase frequency, which, by residing in a
different tissue/organ compartment, typically experiences a different local magnetic field than
dissolved-phase frequencies. This inherently leads to large variations in the apparent chemical
shift of dissolved-phase 129Xe resonances. These variations are quantified by computing the
effect of magnetic susceptibility gradients on the 129Xe frequencies in the human head and
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torso. We then propose and validate a novel method for referencing dissolved-phase 129Xe
frequencies that takes advantage of the local 1H spins to remove the effect of macro- and
microscopic susceptibility gradients, while retaining chemical shift information.
The referencing system described in Chapter 4 is of general applicability and is used
in Chapter 5 to better understand the dependence of a specific 129Xe resonance frequency
observed in in vivo experiments, the lipid-dissolved 129Xe (LDX) frequency, on temperature
and on triglyceride saturation and hydrocarbon chain length. An absolute LDX frequen-
cy/temperature relation is also found that enables us to determine tissue absolute temperature
in vivo by hyperpolarized 129Xe NMR.
In Chapter 6 we use the temperature dependence of LDX to measure temperature in vivo.
Temperature, one of the most important physical properties of matter, is extremely hard to
measure non-invasively in vivo. Yet, non-invasive absolute thermometry would be invaluable
for a variety of applications, ranging from cancer treatment of tumors to measuring increased
metabolic activity in tissues. For tissues like brown fat, absolute temperature measurements
would represent the most direct way to measure the activity of this tissue, and to determine
whether there exist other non-shivering thermogenesis mechanisms that are independent of
the uncoupling protein one. In this chapter, we demonstrate how the hyperpolarized 129Xe
absolute thermometry method can help to answer this question, which has been a matter of
debate for the past 20 years.
Finally, a concise summary of the work accomplished and contributions to the field of
dissolved-phase 129Xe MR is given, and future applications of dissolved-phase 129Xe MR are
discussed.
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CHAPTER 2: SEOP LIMITATIONS & CONSTRUCTION OF ULTRA LOW
FIELD NMR & OPTICAL SPECTROMETERS
2.1 Limitations of SEOP
Although, at the fundamental level, the theory of continuous-flow SEOP is well understood,
in practice it is very difficult to achieve the theoretical maximum 129Xe polarization for a
given set of continuous-flow polarizer parameters. A number of possible explanations have
been provided to justify the discrepancy between theoretical and experimental polarization
values.
Driehuys, et al . [19] demonstrated the use of 4He to pressure-broaden the Rb absorption
line without unacceptably high depolarization from the presence of a high density of 129Xe.
Despite producing a relatively large volume of hyperpolarized 129Xe (500 ml), a polarization of
only 5% was attained where theory predicted 60%. They also reported lower-than-predicted
Rb polarization as a result of pump beam nonuniformity that left parts of the optical cell
poorly illuminated, highlighting the difficulty of collimating the pump beam to illuminate the
entire optical pumping region. Further damage is done to the Rb polarization if the direction
of the pump laser light propagation is skewed relative to the magnetic field within the optical
cell. Chann, et al . [31] studied these skew light effects and found that, since efficient optical
pumping requires that the electric field of the pump laser light be perpendicular to the static
magnetic field, any skew of the angle would result in the sharp increase of optical absorption
and decreased optical pumping efficiency over the entire length of the cell. For example, they
observed that for a 5 cm long optical cell heated to 180◦C a 15 W pump laser would be
attenuated by half with a skew of only 3.1◦.
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Schrank, et al . [26] employed a long (> 1 m) optical cell design, similar to the one
previously introduced by Ruset, et al . [32], along with a low xenon partial pressure and 30 W
of spectrally narrowed laser light to optimize the Rb polarization, which ultimately sets the
upper limit of 129Xe polarization. Even under conditions that optimized the Rb polarization
to 85% – 95% along the length of the cell, experimental values of 129Xe polarization were still
half of those predicted experimentally[26]. Work by Norquay, et al . [33] observed the same
two-fold discrepancy between theory and observations.
Because of the flow of relatively cool noble gas into heated Rb pools in the presaturation
region of many continuous-flow 129Xe polarizer designs, Freeman, et al . [34] hypothesized
that the presaturated Rb vapor contained paramagnetic Rb nanoclusters that could spoil
Rb polarization and relax polarized 129Xe atoms. When incorporated into the standard
SEOP model, these effects provided an explanation for the discrepancy between theoretically
predicted and experimentally observed 129Xe polarization; however, experimental observation
of the offending Rb clusters, in the Rb vapor, in situ, had not yet been accomplished.
Finally, a number of studies have also focused on the gas flow path after the optical
pumping cell as a possible location for 129Xe depolarization. Norquay, et al . [33] examined
the relaxation of the frozen hyperpolarized 129Xe snow as a function of time and found that
the storage conditions in the cold finger lead to a T1 of about 87 minutes, shorter than
previous measurements in the solid state[35, 36], but long enough to result in a polarization
loss of only about 10% of the final polarization during a typical 40 minute collection time.
Burant, et al . [37] studied 129Xe depolarization via diffusion through strong magnetic field
gradients that can exist in some continuous-flow polarizers between the relatively weak optical
pumping magnetic field and the strong magnetic field used to maintain the polarization of
frozen 129Xe during cryogenic collection. While the diffusion of polarized 129Xe gas through
strong magnetic field gradients was shown to be a major relaxation mechanism in previous
polarizer designs, removal of these strong gradients from the 129Xe flow path did not bring
the measured 129Xe polarization into agreement with the predicted theoretical maximum.
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As a result, with the exception of the Rb cluster theory, which has not found experimental
confirmation, a full explanation of continuous-flow SEOP inefficiency still does not exist.
For this project our goal was to search for experimental evidence of Rb clusters in the Rb
vapor and quantify the effect of dark Rb on the final 129Xe polarization. For these studies,
which required in situ absorption and NMR spectroscopic measurements, a custom ultra-low
field NMR spectrometer and a custom optical spectrometer were designed and constructed.
2.2 Ultra-low Field NMR Spectrometer
The custom ultra-low field NMR spectrometer designed and constructed in this work,
utilizing a LabVIEW interface (National Instruments Corporation, Austin, TX, USA) and
off-the-shelf components, is a modified version of previous low-field designs[38–41]. For
simplicity, external hardware and circuitry were kept to a minimum. We took advantage of
many built-in features of a National Instruments PCI-6110 multifunction data acquisition
(DAQ) board, such as simultaneous analog and digital input/output, external triggering,
and programmable dynamic range. A block diagram of the spectrometer is given below in
Figure 2.1.
2.2.1 Timing Circuit
Most timing functions used for NMR can be programmed via the DAQ card onboard
clock. One notable exception in this implementation is the ability to time precisely the
acquisition delay after the excitation pulse. Since the PCI-6110 digital inputs and outputs
cannot be hardware timed or triggered via the onboard clock, it is necessary to build an
external circuit that precisely times the acquisition delay and triggers the DAQ analog input.
The best solution is a straightforward circuit using an SE555P timer (Texas Instruments,
Dallas, TX, USA) running in monostable pulse mode as shown in Figure 2.2. A digital
potentiometer DS1804 (Maxim Integrated, San Jose, CA, USA) and 0.01 µF electrolytic
capacitor determine the monostable pulse length of the 555 timer. The digital outputs of
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Figure 2.1: Block diagram of the ultra-low field NMR spectrometer. The excitation pulse
and NMR signal are carried by shielded BNC cables.
Figure 2.2: Diagram of the spectrometer timing circuit. The DS1804 digital potentiometer
and SE555P timer integrated circuits (ICs) are controlled remotely by the DAQ card digital
input/output ports (DIOs) and programmable function input/outputs (PFIs). Power is
supplied by an external 5 V source and the ICs are grounded to the DAQ card digital ground.
The monostable pulse length is given by 1.1RC2, where R is the resistance of the DS1804
potentiometer.
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Figure 2.3: Photograph of the final NMR surface coil design. The coil form was machined out
of Ultem plastic and wound with 550 turns of 32 AWG 15/44 Litz wire to an average diameter
of 2 cm and height of 1 cm. Kapton tape secures the coil windings for higher-temperature
applications, such as monitoring 129Xe polarization during spin-exchange optical pumping.
the DAQ card allow direct control of both the 555 timer and the digital potentiometer via
LabVIEW. Conveniently, digital outputs programmed on the same channel initialize within 1
ns of each other providing a t = 0 point for timing the rest of the spectrometer functions.
In order to stabilize the timing components thermally, the timing circuit is mounted inside
an aluminum box. An external power supply drives the integrated circuits with +5 V. We
connect the circuit through the box with simple isolated screw mounts that allow for easy
disconnect and transport.
2.2.2 NMR Surface Coil
While the literature contains some details regarding the design of low-field MRI volume
coils[42–45], low-field surface coil designs still have not been studied systematically. Low-field
spectroscopy coil designs present different challenges than traditional high-field spectroscopy
probes. While the major source of noise at high field is body noise, at low field losses are
negligible and coil resistance dominates as the primary source of noise [10].
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More quantitatively, the Johnson noise of the coil-sample system is given by[46]:
VRMS, noise =
√
4kT ·R ·∆f (2.1)
where k is the Boltzmann constant, T is the absolute temperature of the system, ∆f is the
receiver bandwidth, and R = Rc + Rs is the effective resistance of the coil-sample system
consisting of Rc, the coil DC resistance, and Rs, the effective resistance due to the sample
loading. At our operating frequency of ∼25 kHz, Rs is negligible, leaving Rc as the dominant
noise contribution. To minimize this noise, and hence maximize the signal to noise ratio
(SNR), the use of Litz wire is also crucial[38, 41]. Furthermore, the final SNR of the coil
also depends on the uniformity and tightness of the coil turns. The final surface coil design,
shown in Figure 2.3, consists of 550 turns of 32 AWG, 15/44 Litz wire wound to an average
diameter of 2 cm and height of 1 cm. The first generation coil form was designed in Solidworks
(Dassault Systemes Solidworks Corp., Waltham, MA, USA) and 3D printed using ABS plastic.
This approach is useful for lower temperature applications, but could not withstand the
temperatures used in the current experiments without severely warping the coil form. The
final, high temperature coil form is machined out of 1.25 inch diameter Ultem plastic rod
(McMaster-Carr, item 8686K77). Final measured coil inductance when connected via a
BNC cable is 4.674 mH with Q = 13.9 at 10 kHz. Coil resistance, including the BNC cable
connection, is 21.01 Ω resulting in VRMS, noise ≈ 0.1 mV at room temperature.
2.2.3 Duplexer and Tuning Circuit
In order to isolate the transmission phase from the receive phase, we use a simple
duplexing circuit similar to the ones in Refs. [38] and [41]. As shown in Figure 2.4, a pair of
crossed 1N914 diodes (D1 and D2) conduct during the transmit phase. This puts capacitor C
in parallel with C tune and the NMR coil. Since C is relatively small for the current working
frequency of the spectrometer, it does not significantly detune the resonance circuit during
transmission. Also, capacitor C prevents grounding of the circuit through the preamp, which
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Figure 2.4: Schematic of the NMR coil tuning circuit and duplexer. The crossed diodes D1
and D2 conduct during the transmission phase, but appear open to the preamp during the
receive phase. They further serve to isolate the transmitter from the receive stage, reducing
noise in the NMR measurements. Crossed diodes D3 and D4 act as a diode clamp that
prevents overloading of the preamp during transmission. Excitation pulse amplitudes range
from 1-10 V, while the received NMR signal is on the order of 10−1 mV.
is blanked to ground during transmit. C tune serves as the tuning capacitor for the NMR
probe tank circuit and has a value of 0.01 µF for a working frequency of 23.1 kHz. Crossed
diodes D3 and D4 prevent preamp overloading during transmit, which can be problematic
even when the preamp is blanked. During the receiving stage, the crossed diodes D1 and D2
are open and capacitor C simply serves as a coupling capacitor to the preamp. For higher
working frequencies, an inductor to ground, added before the crossed diodes, to counteract
the capacitor C if it poses problems for tuning, as well as a variable capacitor in parallel with
C tune, could be added[38]. The circuit is housed in an aluminum box to reduce the effect of
external noise. Signals pass in and out of the box via isolated BNC bulkheads (Amphenol
RF 112443). The Q value of any components in the circuit must be considered carefully as
they can substantially degrade the induced NMR signal. Both capacitors are ultra-high Q
(>10,000 at 1 kHz) model 1111C (Passive Plus, Inc., Huntington, NY, USA).
2.2.4 Preamplifier and Spectrometer Shielding
To amplify the received NMR signal, we use an SR560 low-noise preamplifier (Stanford
Research Systems, Sunnyvale, CA, USA). The preamp settings used for most experiments
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Figure 2.5: Screenshot of the ultra-low field NMR spectrometer LabVIEW control interface.
are low-noise mode with a differential measurement between inputs A and B (see Figure 2.4),
a gain of 1000, and an analog bandpass filter (6 dB/octave rolloff) with range 10 - 30 kHz.
During transmission, the preamp is blanked by a TTL pulse from a digital output on the
PCI-6110. The preamp and enclosed duplexer are both housed within a heavy aluminum case
to provide extra shielding from background RF interference and noise. Signals pass through
the case via isolated BNC bulkheads.
2.2.5 LabVIEW Controller
The spectrometer is programmed and controlled using LabVIEW systems engineering
software. Figure 2.5 shows a screenshot of the LabVIEW interface which allows the user
to adjust all of the low-level digital and analog channel settings, pulse timing, acquisition
and digitization parameters, and averaging. The current implementation uses a linear
programming architecture for simplicity as shown in Figure 2.6. Data can be optionally
pre-processed with line-broadening for improved SNR. All NMR parameters, as well as
manually input information related to the sample, can be output as a text file along with
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the raw time-domain NMR data for post-processing and analysis. Additionally, a utility for
finding the resonance frequency of new NMR coils is included with the spectrometer code. A
screenshot of the tuning utility is shown in Figure 2.7.
2.3 Optical Spectrometer
One important tool needed to monitor SEOP conditions inside optical cells on a regular
basis is an optical spectrometer. As an alternative to typical commercial spectrometers, we
describe here the design of an optical spectrometer suitable for both high and low resolution
optical spectroscopy in a research laboratory. The following design allows for easy exchange
of commercially-available, blazed reflective diffraction gratings that span a wide range of
wavelengths and resolutions in the ultra-violet, visible and near-infrared range.
The current design is particularly suitable for SEOP with Rb and 129Xe, where a wide
range of wavelengths and resolutions is desirable for monitoring the pumping conditions
within the optical cell. For example, with the more common use of tunable diode lasers,
research groups have a greater need to monitor the laser center frequency and line width
using a high-resolution measurement around 794.7 nm. At the same time, certain conditions
can lead to energy pooling processes that emit violet light of wavelength 421 nm, as well as
other wavelengths between 500 and 640 nm, depending on the strength of the energy pooling
and temperature of the optical cell[20]. Both high and low resolution measurements are useful
for characterizing these processes. Finally, high resolution atomic absorption measurements
are useful for observing the absorption line width and shift of the Rb D1 and D2 lines, as
well as providing a measurement of relative Rb vapor density within the optical cell.
For a Czerny-Turner optical spectrometer like the one presented here, the spectral




















































Figure 2.7: Screenshot of the ultra-low field NMR spectrometer LabVIEW coil tuning utility.
Figure 2.8: Solidworks model of the optical spectrometer built for optical absorption and
pump laser profile studies. The 5 µm slit should be placed at the focal point of the 5.08 cm
mirror, while the line CCD camera should be at the focal point of the 7.62 cm mirror.
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508 mm between 5.08 cm mirror and slit
508 mm between 7.62 cm mirror and CCD
Figure 2.9: Top view of optical spectrometer assembly with enclosure removed. The mounted
slit and line CCD camera are both located at the 508 mm focal length of the parabolic
mirrors. Translation stages are used to the fine-tune the spectrometer after alignment. Knobs
on the diffraction grating kinematic mount allow for fine adjustment of the grating position.
where F is a resolution factor determined by how comparable in size are Ws, the slit width,
and Wp, the charge-coupled device (CCD) pixel width, ∆λ is the spectral range of the
spectrometer, and n is the number of pixels in the CCD (3648 in our case). For our
spectrometer, the slit width is 5 µm and the pixel width is 8 µm, giving a resolution factor of
about 3. For the 300 lines/mm grating, our spectral range is 175.1 nm yielding a spectral
resolution of about 0.09 nm. For the 1200 lines/mm grating, the spectral resolution is about
0.017 nm.
The spectrometer assembly, shown in Figure 2.8, is built entirely of commercially-available
parts, with the exception of one custom-machined bracket used to mount the CCD line
camera. Figure 2.9 shows a top view of the spectrometer assembly.
To assemble the spectrometer:
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1. Roughly place the mirrors, the mounted slit, and the CCD camera as shown in Figure 2.9.
To align the optics, we found a HeNe laser to be most convenient since it is clearly
visible to the eye. The 5.08-cm parabolic mirror should collimate the light from the
mounted slit onto the diffraction grating.
2. Position the diffraction grating such that the blaze arrow points towards the mounted
slit and the first-order diffraction pattern falls on the 7.65-cm parabolic mirror.
3. Adjust the rotating mount in order to change the horizontal position of the diffracted
light and then lock the mount in place with the set screw.
4. Use the kinematic mount adjustment knob to adjust the vertical position of the diffracted
light onto the mirror.
5. Finally, the 7.62-cm mirror should image the diffraction pattern evenly onto the line
CCD camera for display and collection.
6. To fine-tune the slit and CCD position, simply replace the HeNe laser with the low-
pressure argon lamp and adjust the translation stages and kinematic mount knobs until
the argon emission lines are symmetric and as narrow as possible.
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CHAPTER 3: DEPOLARIZATION OF 129XE DURING SEOP BY DARK RB
& RB NANOCLUSTERS
This section presents results published in the Journal of Magnetic Resonance.1
3.1 Introduction
In this work we perform combined NMR measurements and atomic absorption spec-
troscopy (AAS) measurements to understand some of the possible causes of xenon depolar-
ization during continuous-flow SEOP. Specifically, we first use AAS measurements to assess
the presence of the postulated nanoscale Rb clusters inside the optical cell[34]. Since during
the formation process of Rb clusters Rb2 are expected to be formed first, AAS could in
principle be used to observe the presence of the hypothesized clusters. Then, we evaluate the
presence and the impact of optically dark Rb vapor in the outlet of the optical cell on final
129Xe polarization. While seemingly obvious when one compares the better performance of
polarizer designs that incorporate cooling regions in the front of the optical cell to condense
Rb vapor [25, 26, 47, 48] with those that do not [19, 34, 49, 50], the effects of dark Rb regions
on xenon polarization have never been investigated.
3.2 129Xe Polarization Model
The final expected 129Xe polarization after cryogenic collection is given by[34]
PXe (tres, ta, T ) =
γSE(T )












1Antonacci MA, Burant A, Wagner W, and Branca RT. Depolarization of nuclear spin polarized 129Xe gas
by dark rubidium during spin-exchange optical pumping. Journal of Magnetic Resonance 2018; 279:60-67.
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where γSE is the Rb-Xe spin-exchange rate, Γ is the
129Xe nuclear spin destruction rate,
〈PRb(T )〉 is the mean Rb spin polarization throughout the optical cell, tres is the mean xenon
residency time in the optical cell, ta is the total accumulation time, T is the absolute temper-










accounts for relaxation of solid xenon during progressive cryogenic collection, as described in
Ref. [33]. Equation (3.1) clearly shows that what ultimately sets the upper bound for the
xenon polarization level is the Rb electron spin polarization. This can be expressed as a
function of position along the cylindrical axis of the cell as[34]
PRb(z, T ) =
γOP (z, T )
γOP (z, T ) + ΓSD(T )
, (3.2)
where ΓSD(T ) is the temperature-dependent Rb spin-destruction rate and γOP (z, T ) is the
temperature- and position-dependent Rb optical pumping rate. The Rb spin-destruction rate
is determined by binary collisions between Rb atoms and gases within the cell (Xe, N2, and
He), as well as from the formation and breakup of Rb-Xe van der Waals molecules. If we
model the pump laser light as a Gaussian function, with center wavelength λl and width
∆λl, and the broadened Rb D1 absorption cross section as a Lorentzian function, the optical
pumping rate can then be written in terms of photon flux F = I·np
A
as[50]:




where I and A are pump laser intensity and cross-sectional area, respectively, np is number











where re is the classical electron radius, fD1 is the Rb D1 oscillator strength, h is Planck’s
constant, c is the speed of light, and w′(r, s) is the real part of the complex overlap function,
which depends on r, the ratio of the atomic D1 linewidth to the pump laser linewidth, and s,
30
the relative detuning between the pump laser and D1 atomic absorption cross section[51].
We can then describe the optical pumping rate along the length of the optical cell as[50]:





γOP (z, T )
ΓSD + γOP (z, T )
)
γOP (z, T ), (3.5)
where sz is the fraction of circularly polarized laser photons. Equation (3.5) can then be solved
by separation of variables and used to calculate the optical pumping rate at discrete positions
along the axis of the optical pumping cell[50]. The optical pumping rate at each discrete step is
used to find the expected Rb polarization at that position via Equation (3.2). By substituting
the mean of the Rb polarization values for a given temperature into Equation (3.1), we then
calculate the expected final xenon polarization. The above equations were all coded and
run with Wolfram Mathematica (Wolfram Research, Inc., Champaign, IL, USA) in order
to model our particular experimental setup during gas production for human experiments.
Specifically, the cell surface temperature was varied from 363 K to 423 K at a pressure of
1.6 atm, flow rate of 1.0 standard liters per minute (SLM), collection time of 20 min, incident
laser power of 31.4 W, optical cell inner radius of 2.4 cm and cell length of 15 cm.
3.3 Atomic Absorption Spectroscopy (AAS) Measurements
3.3.1 Low-resolution Broadband Rb Absorption Spectroscopy on a Sealed Opti-
cal Cell
In an attempt to observe Rb clusters during SEOP, AAS measurements were the first
to be made. Before performing AAS directly on the optical cell, measurements were made
on a sealed Rb cell where temperature could be tightly controlled and Rb and Rb2 number
densities could be easily calculated[52]. The sealed Pyrex cell, 7.5 cm long and with a 2.5 cm
outer diameter, was evacuated to about 10−6 torr and charged with ∼20 mg of molten Rb
(Opthos Instruments, Inc., part D7). Initial observations were performed in low resolution








Figure 3.1: Diagram of low-resolution atomic absorption spectroscopy setup on the optical
cell body.
cross-section[53, 54] and the availability of a diffraction grating with high efficiency in this
wavelength range. A resistance temperature detector (RTD) was taped to the center of
the cell with Kapton tape and the entire cell wrapped in heating tape and placed within
an insulated aluminum box mounted on an optical quality aluminum breadboard (model
MB4545/M, Thorlabs, Newton, NJ, USA). The temperature of the cell was regulated by
a microcontroller (iTRON 702040, Jumo Process Control, Inc., East Syracuse, NY, USA).
Absorption measurements were made by shining a broadband halogen light source (Thorlabs
QTH10/M) through the absorption cell and collecting the transmitted light with a fiber
collimator (Thorlabs F220SMA-780) for cell temperatures from 673 to 853 K.
3.3.2 Low-resolution Broadband Rb Absorption Spectroscopy During Continuous-
flow SEOP
Similar measurements were made on the optical cell during continuous-flow SEOP. For
these measurements, the original oven enclosure on the commercial polarizer was duplicated
and modified to allow spectroscopy measurements to be performed in a direction perpendicular
to the direction of the optical pumping laser. The halogen light source was mounted to shine
within the polarizer oven and allowed to equilibrate for at least 12 hours prior to polarizer
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warm-up. The fiber collimator was mounted opposite the light source and both were aligned
for maximum transmission into the custom spectrometer as shown in Figure 3.1.
We collected AAS spectra during SEOP with flow rates of 0.1 SLM (typical rate for
standby operation) and 1.5 SLM (typical rate for collection of clinical-scale volumes). We
also collected AAS spectra immediately after flow began since dense Rb vapor was always
observed at the beginning of the gas flow with a digital camera. Standard parameters for
hyperpolarized 129Xe production for these experiments were an optical cell pressure of 4.1
atm, cell temperature of 358 K, and presaturation bulb temperature of 438 K. Integration
time for each spectrum was 10 ms with 4599 averages. Baseline spectra were also collected
during polarizer cool-down once the Rb D1 and D2 absorption lines receded below noise
level. This ensured maximum transmission of the broadband light through the optical cell.
Baseline spectra were then used in post-processing as described below.
3.3.3 High-resolution Broadband Rb Absorption Spectroscopy During Continuous-
flow SEOP
In order to study the presence of dark Rb in the optical cell outlet and its effect on xenon
polarization, the AAS setup described above was mounted within the polarizer oven such
that the optical cell outlet sat between the halogen lamp and the collimation lens as shown
in Figure 3.2. The same stabilization procedure was used to allow the lamp to reach thermal
equilibrium. Outlet absorption spectra were collected during SEOP at a flow rate of 1.0 SLM,
optical cell pressure of 1.8 atm, and presaturation bulb temperature of 438 K, for a variety
of oven temperatures between 363 and 423 K. Collection time was 20 min for each batch of
hyperpolarized 129Xe and absorption spectra were obtained 8-10 min into the collection time,
with 10 ms integration time and 4599 averages.
The NMR surface coil was placed in the center of the optical pumping cell in order to
monitor the in-cell 129Xe polarization throughout the SEOP process. NMR spectra were
collected using a block pulse of frequency 23.1 kHz, pulse length 0.325 ms, repetition time








Figure 3.2: Diagram of high-resolution atomic absorption spectroscopy setup on the optical
cell outlet.
made immediately following the outlet absorption measurement. The pump laser transmission
was monitored by an on-board photodiode located behind the optical cell. This value was
recorded concurrently with the NMR measurement. At the end of the collection time, the
frozen xenon was sublimated into a 150 ml Tedlar bag (Jensen Inert Products, Coral Springs,
FL, USA) and the polarization was measured with a calibrated polarization measurement
station (Model 2881, Polarean, Inc., Durham, NC, USA).
3.3.4 Gas Temperature Calibration
One particular challenge of continuous-flow SEOP modeling is not knowing the exact
temperature of the gas mixture within the pumping cell. To determine experimentally the
temperature of the gas mixture flowing through an optical cell during SEOP is a notoriously
difficult task. Turbulent fluid flow patterns [20], temperature gradients, and laser heating
make the RTD temperature measurement from the cell surface suspect, at best. Newton,
et al . [55] succeeded in using Raman spectroscopy to measure temperature at specific points
in an optical cell during batch-mode SEOP, but no such measurements for continuous-flow
SEOP have been reported in the literature. In an effort to obtain more accurate temperature
measurements for the gas mixture in our optical cell, we developed a method to estimate the
actual gas temperatures from the external RTD measurements.
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First, we used the RTD temperature measurements on our cell, without flow or laser
illumination, to calibrate transverse AAS measurements through the center of the optical
cell. We expect the buffer-gas broadened D2 absorption line of Rb to be well-approximated
by a Lorentzian lineshape because of the decaying exponential probability that an atom
will be found in the ground state and hence be able to absorb an on-resonance photon[56].





, the natural log of the ratio of
our absorption spectrum I to our baseline spectrum I0. Then we fit this result according
to[57]:
f(ν) =
a+ b(ν − ν0)
(ν − ν0)2 + (∆ν/2)2
+ d, (3.6)
where a is the peak amplitude, b is a dispersive correction resulting from buffer gas interactions,
ν0 is the center frequency of the D2 line, ∆ν is the D2 linewidth, and d is a constant offset.
From the peak amplitude, linewidth, and absorption path length l we calculate the average
Rb density over the optical path[57]:
[Rb] =
2a
recfD2 · l ·∆ν
, (3.7)
where fD2 is the Rb D2 oscillator strength. With a Rb vapor pressure curve[58], this number
density can then be used to extract an average temperature for the vapor along the absorption
path inside the optical cell. We found that this method systematically results in measured
temperatures 7 - 26 K lower than what was measured by the RTD, even though there was no
gas flow through the cell. Thereafter, we fitted a correction function that appropriately scaled
the AAS temperature measurement to match the RTD measurement, and hence calibrated
our AAS measurements within the temperature range of interest (Figure 3.3). This allowed us
to make AAS temperature measurements during SEOP with the same setup, obtain reliable
temperature measurements of the gas at the center of the cell, and correlate them with the
RTD temperature measurements.
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Figure 3.3: Plot of the correction function used to calibrate AAS temperature measurements
within the optical cell. Data were acquired with no gas flow or pump laser illumination. The
uncertainty in temperature measurements is indicated by the size of the data point.
3.3.5 Analysis of Spectra
All absorption spectra were processed by first dividing by the scaled baseline spectrum
from the halogen lamp. The D2 peaks were then fitted with a normalized Lorentzian line
shape function with area uncertainty given by the 95% confidence interval of the line area
parameter. NMR spectra were likewise fit with a normalized Lorentzian line shape and the
line area used as a measure of the signal intensity.
3.4 Results
The theoretical final 129Xe polarization vs. cell temperature as predicted by the standard
model above is plotted in Figure 3.4, along with experimental measurements made on
our commercial polarizer. The maximum expected xenon polarization should be on the
order of 44% for these parameters, whereas the maximum final xenon polarization obtained
experimentally was only 25%. While slight mismatches between the calculated and observed
temperature for maximum 129Xe polarization can be easily explained by uneven laser light


































Figure 3.4: Experimental and theoretical final 129Xe polarization as a function of cell
temperature. (blue) Experimental best final 129Xe polarization vs. cell temperature at a
gas flow rate of 1.0 SLM and collection time of 20 min. Dashed connecting lines are drawn
only to guide the eye. (red) Theoretical 129Xe polarization vs cell temperature for the same
operating parameters, calculated using Equation (3.1).
the decrease in polarization observed at higher temperatures is clearly faster than what is
predicted by the standard model[34].
3.4.1 Rb Dimers
Absorption spectra acquired from the sealed Rb cell are shown in Figure 3.5. The
1(X)1Σ+g → 1(B)1Πu molecular transitions between 640 and 740 nm begin to appear clearly
around 773 K, becoming stronger at higher temperatures, as expected. The Rb D2 absorption
line is also clearly visible in the observed bandwidth. Based on known vapor curves[52], at
773 K the density of atomic Rb is 8.6×1019 cm−3 and of Rb2 is 2.3×1016 cm−3.
Absorption spectra collected during SEOP, both during continuous-flow SEOP and at the
start of flow, are shown in Figure 3.6. The Rb D2 absorption line is clearly visible. Within
the observed bandwidth, we would expect to see a broad absorption band from the X-B
molecular transitions if a sufficient density of dimers were present in the optical cell[54]. In
neither the case of continuous-flow SEOP at 0.1 and 1.5 SLM, nor at the time of the cell
opening, did we observe this absorption band.
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Figure 3.5: Rb2 absorption bands in closed Rb cell. The sharp absorption line at 780 nm is
the atomic Rb D2 line. The weakest Rb2 band was observed at a cell temperature of 773 K,
and the strongest at 853 K.






































Figure 3.6: Rb absorption spectra obtained during SEOP at 0.1 and 1.5 SLM, as well as at
the start of flow through the optical cell. Notice the clear D2 atomic absorption line at 780
nm. The inset shows a zoomed-in view of wavelengths where the Rb2 X-B absorption band
































































































Figure 3.7: Results from the cell outlet depolarization measurements taken at a flow rate
of 1.0 SLM. The temperature of the presaturation bulb was kept constant at 438 K, while
cell pressure was 1.8 atm. The measurements were made twice on the same cell, over a
month apart, for validation. (a) Transmitted photons as measured by a photodiode located
on the back of the cell vs. optical cell temperature; (b) NMR signal from the optical cell vs.
cell temperature; (c) Final xenon polarization vs. cell temperature; (d) Rb D2 absorption
intensity at the cell outlet vs. cell temperature. Connecting lines are drawn to guide the eye.
Based on the Rb absorption spectra collected from the closed Rb cell, we estimated a
sensitivity of 8.3×1015 cm−3 for Rb2 using our optical spectrometer and a similar upper-limit
value for Rb2 present during our continuous-flow SEOP experiments. This limit was calculated
by scaling the minimum Rb2 density visible in the closed cell by the ratio of the D2 absorption
line amplitudes in the closed cell and during continuous-flow SEOP.
3.4.2 Depolarization in the Optical Cell Outlet by Dark Rb
Both NMR spectroscopy and AAS measurements performed on the optical cell during
SEOP as a function of cell temperature, as well as the pump laser transmission along the
optical cell, are reported in Figure 3.7. Despite the two measurements being performed more
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than a month apart, during which the polarizer was used to produce hyperpolarized 129Xe
for human use, results were very consistent. As expected, the increased Rb density at high
temperature leads to an increase in absorption and to a reduction of the transmitted light.
Over the range of temperatures measured, the NMR signal from polarized 129Xe remained
basically constant (see Figure 3.7b). However, as can be seen in Figure 3.7c, the final xenon
polarization reached a maximum at 419 K and at 423 K for the earlier and later trials,
respectively. Clearly, some depolarization mechanism overtook the positive spin-exchange
at higher temperatures, damaging the final polarization. Figure 3.7d shows the absorption
intensity of the Rb D2 transition across the optical cell outlet vs. cell temperature, indicating
an increase in the Rb vapor density in the cell outlet at higher temperatures.
3.5 Discussion and Conclusions
As far as we know, this is the first experimental attempt to observe Rb2 during SEOP
using broadband absorption. Some attempts have been made to observe Rb clusters through
Mie scattering of broadband light, but none have succeeded[62].
Although we were not able to directly observe Rb2 during continuous-flow SEOP, we were
able to set an upper limit for the observable density of Rb2 present in the optical pumping
cell during SEOP to less than 8.3×1015 cm−3, which is what could be directly detected by
our spectrometer. Since for our polarization setup Freeman, et al .’s model predicts a cluster
density on the order of 1×109 cm−3, an improvement in sensitivity of 6 orders of magnitude
would be necessary in order to directly detect Rb dimers during SEOP with our current
spectrometer. Although the sensitivity could be improved by extending the absorption path
via multiple reflections through the optical cell and/or by increasing the integration time and
number of averages, it is highly unlikely that we could achieve an improvement in sensitivity
of 6 orders of magnitude. Taken together, our results indicate that absorption spectroscopy,
unlike what was originally proposed by Freeman, et al ., is not sensitive enough to detect
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the presence of Rb dimers during continuous-flow SEOP, and other techniques should be
investigated in order to experimentally validate the cluster model.
Interestingly, when gas flow was first turned on, we did observe through a digital video
camera (model HMC-40, Panasonic, Chesapeake, VA, USA) a dense Rb vapor that was quickly
dispersed throughout the optical cell. However, when AAS measurements were performed to
detect the possible presence of Rb dimers in this dense vapor, no significant differences were
seen with respect to spectra acquired during steady-state flow (see Figure 3.6). Therefore, at
this point, it is unclear whether this vapor is simply atomic Rb that has condensed at the
optical cell inlet and is disturbed at the start of flow, or whether it is the result of some more
complex process.
Combined NMR measurements of in-cell polarization and final polarization suggest
that, at high temperature, part of the xenon polarization is lost outside the optical cell.
Since AAS measurements show an increase in Rb density in the outlet of the cell when
temperature is increased, it is reasonable to think that hyperpolarized 129Xe interaction
with dark Rb vapor present in the outlet of the cell is responsible for at least part of the
observed xenon depolarization at higher temperatures. This temperature-dependent spin-
exchange depolarization effect from dark Rb in the optical cell outlet can be included in the
SEOP theory as a correction factor that takes the same form as the in-cell spin-exchange
interaction[34]:
∆darkRb (toutlet, T ) = e
−γSE(T )toutlet , (3.8)
where T is the absolute cell temperature and toutlet is the residency time of polarized
129Xe in
the optical cell outlet. The final xenon polarization will then be given by
PXe (tres, ta, toutlet, T ) = PXe (tres, ta, T ) ∆darkRb (toutlet, T ) . (3.9)
For our polarizing parameters, Figure 3.8 shows the predicted 129Xe polarization vs. cell
temperature curve as modeled in Equation (3.9). In the absence of turbulence in the cell
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Figure 3.8: Final 129Xe polarization vs. cell temperature with the same polarizing parameters
as the experimental data shown in Figure 3.4, (red line) without outlet depolarization and
(blue dashed line) calculated using Equation (3.9).
outlet, the estimated residency time of hyperpolarized 129Xe in our cell outlet at a flow rate of
1.0 SLM is about 0.8 s. Under this condition, and at the maximum cell temperature studied
here (432 K), a reduction of the final polarization of ∼8% is expected by dark Rb in the
outlet of the cell. While the depolarizing effect of dark Rb is not more than a few percent at
our typical running parameters, this could be a significant effect for polarizers running in
a higher temperature regime and/or at lower flow rates[33, 34, 49, 59]. In the presence of
turbulence in the cell outlet, such values could be considerably higher. Interestingly, despite
when we assume absence of turbulence the reduction of the final xenon polarization is only
∼8%, the rate at which the final xenon polarization is expected to decrease with temperature
because of dark Rb nicely followed the experimental values.
In conclusion, we have attempted to observe Rb2 during SEOP using broadband AAS.
Comparison with measurements performed on a sealed Rb absorption cell indicated that
broadband AAS is not sensitive enough to observe the density of paramagnetic Rb clusters
postulated by Freeman, et al ., even if that population were composed entirely of dimers. We
also studied the depolarizing effect of dark Rb vapor in the optical cell outlet on the final
129Xe polarization. While wall relaxation is typically assumed to be the primary source of
relaxation for xenon polarization[19, 25, 47, 63, 64], our results show that dark Rb vapor in
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the cell outlet can lead to reductions in final 129Xe polarization of tens of percent at higher
temperatures and lower flow rates, and should be considered carefully in polarizer design.
Although Refs. [25] and [47] mention the need for cooling regions to prevent the presence of
unpumped Rb vapor, no one, to our knowledge, has measured the effects of this vapor on the
final xenon polarization. Furthermore, this study also shows that an optimized in-cell xenon
polarization does not necessarily entail an optimized final 129Xe polarization.
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CHAPTER 4: ROBUST REFERENCING METHOD FOR DISSOLVED PHASE
129XE NMR SPECTROSCOPY
Results in this section have been published in the journal Magnetic Resonance in
Medicine.1
4.1 Background and Motivation
Arguably the most important parameter in NMR spectroscopy is the chemical shift,
or change in precession frequency, induced by variation of the local magnetic field felt
by the nucleus, arising from the electronic distribution of the atom. The interaction of
precessing nuclear spins with the chemical (electronic) environment, specifically, can serve as
a useful probe of a system’s molecular structure, composition, and even macroscopic physical
characteristics such as temperature and pressure. In this section, we outline the origin and
practical utility of the chemical shift in NMR spectroscopy. Then, we proceed to discuss
some problems with the conventional reference standard used for 129Xe NMR spectroscopy
and, finally, propose an alternative, more robust reference for dissolved-phase 129Xe NMR
spectroscopy.
4.1.1 1H Chemical Shift
The major players in the magnetic environment of nuclei are the surrounding valence and
chemical bond electrons. The orbital structure of the surrounding electrons plays a major
role in determining the chemical characteristics of a molecule. Furthermore, the magnetic
1Antonacci MA, Zhang L, Burant A, McCallister D, Branca RT. Simple and robust referencing system enables
identification of dissolved-phase spectral frequencies. Magnetic Resonance in Medicine 2018; 80:431-441.
DOI: 10.1002/mrm.27042.
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field felt by the nucleus is given by the outside static field plus the field produced by these
surrounding electrons[8]. Any change in the distribution of the electrons around a given
nucleus manifests itself with a change in the NMR frequency. This effect is known as the
chemical shift[65]. Since the electron cloud of a given atom is easily modified by the presence
and distribution of nearby atoms, it is easy to see how the the chemical shift is a useful probe
of an atom’s chemical environment[66].
The experimental measurement of the absolute value of the chemical shift is often
complicated by a number of outside factors, including the field strength and shimming
conditions. To reduce these complications, a robust frequency reference is typically added
to a sample. For 1H spectroscopy, the standard reference is tetramethylsilane (TMS). By
referencing the 1H chemical shift to that of TMS, one can easily remove frequency shifts
caused by field strength, shimming conditions, and magnetic susceptibility, while retaining
chemical shift information. Also, the compound is inert and readily dissolves in most
water-based solutions, making it an ideal reference standard for nearby 1H [8]. The general





where ωref is the Larmor frequency of the reference compound. Chemical shifts are typically
reported in parts per million (ppm), a unit which makes the chemical shift field independent.
Since the 1H chemical shift has been very well characterized, both theoretically and
experimentally, it serves as a useful tool to probe the chemistry of a system, both in
vitro and in vivo. In vitro, the chemical shift serves often as an important parameter in
determining molecular structure by high resolution NMR[66–68]. In general, the chemical
shift is represented as a tensor; however, in solution-state NMR experiments with isotropic
liquids, the chemical shift effect is given simply by a scalar average value[66].
Of particular interest in this work is the use of chemical shift information to probe tissue
structure and temperature. For example, the chemical shift of 1H signals in a triglyceride
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Figure 4.1: 1H NMR spectrum of neat trilinolein taken on a 500 MHz spectrometer and
referenced to TMS. Peak contributions from different locations on the triglyceride molecule
are labeled A-J. Water would appear at approximately 4.9 ppm.
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molecule indicates the 1H position within the triglyceride molecule. Figure 4.1 shows an
example 1H NMR spectrum of neat triolein where chemically different protons are clearly
resolved.
4.1.2 129Xe Chemical Shift
Xenon-129 at room temperature is an inert gas with a nuclear spin of 1/2, a very large
chemical shift range (>200 ppm)[69, 70] in gas mixtures[71–74] and solutions[75–80], and
relatively high solubility in organic solvents[81, 82], biocompatible carrier solutions[83–85]
and tissues[69, 86–90]. Table 4.1 gives the Ostwald solubility coefficient for xenon in various
solvents and tissues.
Table 4.1: Ostwald solubilities of xenon in various tissues and solvents at 37◦C.
Solvent Ostwald Solubility Coefficient [86]
adipose tissue 1.72








Because of the sensitivity of the 129Xe chemical shift to the molecular environment, 129Xe
NMR has served as a useful tool to probe sample structure in material science. For example,
Ripmeester and Ratcliffe[91] used 129Xe NMR chemical shifts to measure the pore sizes of a
range of zeolites. Huang, et al . [92] used hyperpolarized 129Xe NMR to study functionalized
mesoporous silica. The exquisite sensitivity of the 129Xe chemical shift to the chemical
environment enabled them to extract information about the material surfaces, pore structures,
and functional groups attached to the material surface. As a final example, Farina, et al .
[93] studied micro- and mesoporous carbon (biochar) produced from almond shells in order
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to determine pore size and chemical exchange within the sample. The use of 129Xe NMR
chemical shift measurements to characterize novel materials continues to expand[94–96].
Xenon has also been widely used for in vivo MRI experiments to monitor lung ventilation
function. Because of its relatively high solubility in tissues, once inhaled[84, 97, 98], it readily
dissolves in lung parenchyma[99, 100] and into the blood[101–106], by which it is transported
to other regions of the body[88, 107–113]. In distal organs, xenon dissolves in a manner that
depends on tissue perfusion and on the relative tissue/blood solubility. In highly perfused
and lipid-rich tissues like brown fat, the concentration of xenon upon inhalation can reach
values comparable to those reached in the lungs[114]. At the typical concentrations achieved
in vivo during gas inhalation (mM or sub-mM), xenon clearly needs to be hyperpolarized to
enable its detection in a reasonable time.
4.1.3 Motivation
Applications of dissolved-phase, hyperpolarized xenon (DPXe) imaging and spectroscopy
have increased considerably over the past 5 years, and include monitoring of gas exchange[115,
116] and alveolar septa thickness in the lungs[99, 100, 103, 117–120], monitoring of brain per-
fusion and blood oxygenation[108, 110, 113, 121, 122], detection of brown adipose tissue[111],
temperature imaging[123], and renal MRI and MR spectroscopy (MRS)[112]. To be able to
use DPXe as a probe for tissue anatomy and/or function, one has to be able to identify reliably
spectral lines based on their chemical shift. Historically, the chemical shift of DPXe has
been measured with respect to the xenon gas-phase resonance[100, 108, 124–127]. However,
referencing the DPXe peaks to the gas phase presents several pitfalls: First, depending on
the specific organ/tissue investigated, the gas phase may not always be visible in the acquired
spectra; Second, even when visible, the gas-phase chemical shift is sensitive to several factors
that, as recently pointed out[128], typically vary during an MR experiment, including level of
lung inflation and partial pressure of the different gases in the lungs[72, 73, 129, 130]; Lastly,
because the gas-phase and the dissolved-phase signals originate from tissue compartments
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or organs with different magnetic properties, local magnetic fields experienced by these two
phases are expected to be very different such that, even if the relative gas concentration in the
lungs were known and could be kept constant during an experiment, macroscopic magnetic
susceptibility gradients would make the dissolved-phase frequency highly variable[131].
To alleviate the problem, one might consider minimizing macroscopic field variations by
adding higher-order magnetic field gradients, a process usually referred to as “shimming”.
Magnetic field shimming is applied in almost every MR experiment as a standard procedure for
increasing field homogeneity within the sample, thus optimizing the SNR of the acquired signal,
to the point where all modern spectrometers are capable of running an automated, sequence-
specific shimming routine for most experiments. When dealing with DPXe experiments,
however, shimming conditions can be optimized either for the dissolved phase (by shimming
the tissue region of interest with the local 1H signal) or the gas phase (by shimming on the
gas phase peak, which is the predominant peak observed in vivo upon gas inhalation), but
not both[126]. As a result, it is not surprising that variable DPXe chemical shift values have
been reported in the literature (Table 4.2), making the identification of the source of some of
these peaks very challenging.
In this chapter, we first analyze the effect of macroscopic susceptibility gradients on the
gas-phase referenced DPXe chemical shift using numerical simulation methods similar to
those in previous studies[132–135]. We then propose an alternative 1H-based reference for
the DPXe spectrum that, unlike the gas phase, leads to DPXe chemical shift values that
are immune to variations in field strength, lung oxygenation, and shimming conditions. The
consistency of the DPXe chemical shift values obtained by using this 1H-based reference is
then tested in vivo in rats at 9.4 T and finally used, in combination with high resolution in















































































































































































































































































































































































































4.2.1 Human Susceptibility Model
A human susceptibility model was constructed from a 3D computed tomography (CT)
data set of the human body acquired in a healthy human volunteer under approval of the
Institutional Review Board at the University of North Carolina at Chapel Hill and conducted
in accordance with the Helsinki Declaration. CT images were acquired with a resolution of
0.91 × 0.91 ×1.5 mm3 by using 5 bed positions to cover a region from the crown of the head
to the lower abdomen. The 3D image dataset was thresholded with a cutoff value of -400 HU
to separate the soft tissue from airspaces using VivoQuant software (Invicro, Boston, MA).
Each region was then assembled into a standard tessellation language mesh using 3D Slicer
open-source software (http://www.slicer.org)[139]. In preparation for finite-element analysis
simulations, the mesh models were reconstructed into watertight surfaces using screened
Poisson surface reconstruction[140] and quadratic edge collapse decimation, as implemented
in MeshLab (http://www.meshlab.net)[141]. From the 3D human model, a 3D susceptibility
map was generated by assigning a susceptibility value of -9.05 ppm to soft tissue and 0.36
ppm to air[142].
A 3D model of our high-pressure NMR tube assembly containing a sample of water
was also created using Solidworks CAD software (Dassault Systémes SolidWorks Corp.,
Vélizy-Villacoubly, France).
4.2.2 Magnetic Susceptibility Field Calculations
The calculation of magnetic fields in general magnetostatic arrangements can be a complex
task because of the presence of electric currents, non-linear constitutive relations, and the
heavy dependence of magnetic fields on the geometry surrounding the region of interest.
Fortunately, a number of simplifications can be made for the case of biological materials in
a strong, static magnetic field. First, tissues and air fall within the realm of diamagnetic
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and weakly paramagnetic materials, respectively. This means that the magnetic field ~H and
magnetic flux density ~B are linearly related by the magnetic permeability µ and susceptibility
χM :
~B = µ ~H = µo(1 + χM) ~H, (4.2)
where µo is the magnetic permeability of free space. Secondly, there are no constant electric
currents in the tissue or air during the MR acquisition period (we ignore eddy currents
that may arise in the scanner during magnetic field gradient switching in order to isolate
susceptibility effects). The relevant macroscopic magnetostatic equations are then:
~∇ · ~B = 0 (4.3)
and
~∇× ~H = 0. (4.4)
Analogous to the electrostatic case[143], we can then rewrite ~H as the gradient of a magnetic
scalar potential ΦM :
~H = −~∇ΦM . (4.5)
Since the constituent relations in tissue and air are linear, we can substitute Equation (4.5)
into Equation (4.4) to obtain
~∇× µ(−~∇ΦM) = ∇2ΦM = 0, (4.6)
the familiar Laplace equation. The calculation is now reduced to a boundary-value problem
with the boundary conditions between, say, regions 1 and 2, given by
~H2 · n̂ =
µ1
µ2
~H1 · n̂ (4.7)
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and
~H2 × n̂ = ~H1 × n̂. (4.8)
These conditions require that the normal (Equation (4.7)) and tangential (Equation (4.8))
components of the magnetic field be continuous at the boundary[143, 144].
For simple geometries, where the boundary conforms to planar, spherical, or cylindrical
surfaces, this boundary-value problem is exactly solvable by analytic methods following a
separation of variables[145]; however, for complicated geometries, such as the human body,
numerical methods must be employed. Therefore, the magnetic flux density within the
human body model was computed by means of finite-element analysis calculations (COMSOL
Multiphysics, Stockholm, Sweden). The computation was performed by axially aligning the
3D human model with an external static magnetic flux density of B0 = 3 T in the ẑ direction
within a sphere of air 1.6 m in diameter. To avoid distortion in the field, the model was
bounded by an infinite-element domain. The resulting boundary value problem was solved
for the scalar magnetic potential ΦM . In each domain i, the gradient of the scalar magnetic
potential is then taken to calculate the magnetic field ~Hi and resulting magnetic flux density
~Bi = µi ~Hi. Finally, the reduced magnetic flux density parallel to the applied static flux
density was calculated for each domain by ~Bi · ẑ −B0.
The same procedure was followed for the high-pressure NMR tube, only the static external
field was set to 11.7 T (to mimic a 500 MHz spectrometer). A susceptibility value of −9.05
ppm, 0.36 ppm, and −8.58 ppm was used for water, air, and the ZrO2 NMR tube, respectively.
4.2.3 In Vitro High-Resolution 129Xe NMR Spectroscopy
High-resolution NMR measurements of thermally polarized 129Xe dissolved in cere-
brospinal fluid (CSF; Lee Biosolutions Inc., Maryland Heights, MO), excised rat white
adipose tissue (WAT) and excised rat and mouse muscle were performed on a 500 MHz
Varian Inova spectrometer (Varian NMR Systems, Palo Alto, CA). Samples were prepared
by partially filling a high-pressure NMR tube (Daedalus Innovations, LLC, Aston, PA) with
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either CSF, freshly excised WAT, or freshly excised muscle. The sample was then connected
to a vacuum pump and frozen in liquid nitrogen. Air was removed with the aid of a rotary
pump and the sample was thawed. The freeze-thaw cycle was repeated 3 times to remove
any possible oxygen from the sample. After degassing, enriched 129Xe gas (>86% isotopic
enrichment) was introduced at a given pressure in the sample, which was then allowed to
equilibrate for 24 hours under xenon atmosphere to a pressure of 1.04 atm (CSF), 1.03 atm
(WAT), or 2.86 atm (muscle). Equilibrium pressures were kept low to avoid Xe-Xe dipolar
interactions that could shift the DPXe frequencies. A slightly higher pressure was used for
the muscle samples, given the lower solubility of xenon in muscle compared with WAT and
the inability to shim the sample to a line width similar to that of CSF.
Samples were then placed in the NMR spectrometer and allowed to equilibrate for at
least 1 hour at a temperature of 31.3◦C (CSF), 31.0◦C (WAT), or 30.8◦C (muscle), regulated
and maintained by a temperature controller. This temperature value was calibrated with an
accuracy of 0.1◦C at the beginning of each spectroscopy experiment by using the chemical
shift separation between the methyl and hydroxyl protons in a 100% methanol temperature
standard. Sample temperature was maintained at 31◦C to enable direct comparison with the
in vivo hyperpolarized 129Xe MRS and chemical shift imaging (CSI) experiments described
below.
All samples were manually shimmed using up to the 7th order z shim and 4th order x
and y shims. The 129Xe spectrum was acquired with a center frequency (CF) of 138.2675304
MHz (138.2694672 MHz for muscle), repetition time (TR) of 34.5 s (30.5 s for WAT, 30.1 s
for muscle), spectral width (SW) of 60015 Hz, 524288 points (8192 for muscle), 500 averages
(7200 for CSF and 5300 for muscle) and a 90◦ flip angle. Proton spectra were acquired
before and after the acquisition of each 129Xe spectrum (to ensure consistency) with a CF of
499.7835792 MHz, TR of 9 s, SW of 5998 Hz, 47984 points, 16 averages, and 23◦ flip angle.
The chemical shift of the DPXe signal was then measured with respect to the water chemical
shift as described below.
54
4.2.4 Method for Dissolved-Phase 129Xe Referencing
Referencing of the DPXe frequencies to the 1H water frequency was performed similarly
to the method used by Zhang, et al . for in vivo absolute 129Xe MR thermometry[146]. First,
a 1H spectrum was acquired to obtain a measurement of the water resonance frequency. This
frequency was then scaled by 3.61529502, i.e. the ratio between the 129Xe gyromagnetic
ratio (γXe =11.7767392 MHz/T) and
1H gyromagnetic ratio (γH = 42.5763866 MHz/T)[7],
to obtain a water-based 0 ppm 129Xe center frequency, from which the experimental DPXe
chemical shift was calculated. Figure 4.2 shows a cartoon of the referencing procedure. An
example computation of how the chemical shift of the main peak observed in the rat head is
also provided in Table 4.3. This water-based referencing method led to chemical shift values
typically 4 ppm higher than those obtained by using the xenon gas phase as reference, at
least in vivo from the rat head.
4.2.5 Dissolved-Phase 129Xe MRS and CSI in Rats
All in vivo animal studies were conducted under animal protocols approved by the
Institutional Animal Care and Use Committee at the University of North Carolina at Chapel
Hill. For in vivo studies, a total of 4 male Fisher rats, age 8-10 weeks old, were used.
Before the experiments, rats were anesthetized with a 60 mg/kg intraperitoneal injection of
pentobarbital and intubated with a 20-gauge catheter. Rats were mechanically ventilated
with approximately 25-vol% O2 and 75-vol% N2 using a home-built ventilator[147] at a rate
of 60 breaths/min with a tidal volume of approximately 2 mL. Before the acquisition of
xenon spectra, N2 gas was replaced by an equivalent hyperpolarized (HP)
129Xe gas volume.
Following the experiment, animals were euthanized with an overdose of pentobarbital.
Xenon gas was polarized up to 14% with a commercial polarizer (Model 9800, Polarean,
Inc., Durham, NC) using a gas mixture of 1% enriched xenon (>86% isotopic enrichment), 10%
N2, and 89% He (Global Specialty Gases, Bethlehem, PA). The polarizer oven temperature
was maintained at 403 K with a presaturation region held at 438 K. Gas flow was regulated by
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a mass flow controller to a rate of 1.5 standard liters per minute and cryogenically collected
for 20 min. Frozen xenon was then sublimated into a 350 mL Tedlar bag (Jensen Inert
Products, Coral Springs, FL) and connected to the ventilator.
In vivo MRS and MRI experiments were performed on a 9.4 T Bruker BioSpec 94/30
spectrometer (Bruker BioSpin, Billerica, MA) controlled by a console running Paravision
software. Rats were placed with the anatomical region of interest in the sensitive region
of a 1 cm diameter 129Xe surface coil. The rat and the 129Xe surface coil were then placed
inside a 72 mm diameter 1H volume coil, used to collect reference anatomical images and 1H
spectra. All 129Xe acquisitions were triggered to the breathing cycle to optimize the DPXe
signal to noise ratio. Rat rectal temperature was monitored by means of a fiber optic rectal
temperature probe and maintained at 31◦C by a forced heated-air system.
Anatomical axial 1H images were collected by using a gradient echo multi-slice sequence
with a field of view of 4 × 4 cm2. Before the collection of 1H and 129Xe spectra, manual
first and second order local shimming was performed to achieve narrow water linewidths
(between 0.1 and 0.5 ppm, depending on the size and localization of the shimming voxel).
1H spectra, without water suppression, were acquired using a point-resolved spectroscopy
(PRESS) sequence from the same voxel before and after the acquisition of a xenon spectrum,
performed by maintaining the same shimming conditions used for the acquisition of the 1H
spectra. 1H and 129Xe CSI was also performed in the rat head. 129Xe CSI data were collected
using the xenon surface coil with a field of view (FOV) of 4 × 4 cm2, without slice selection,
8192 complex points, TR of 6 s, SW of 500 ppm, CF of 110.7532358 MHz, and CSI matrix
size of 8 × 8. 1H CSI data were collected using the 1H volume coil with a FOV of 4 × 4 cm2,
1 slice, 1 cm slice thickness, 2048 complex points, TR of 2 s, SW of 10 ppm, CF of 400.326207
MHz and CSI matrix size of 8 × 8. The CSI results of both nuclei were reconstructed to a



























-30 -24 -18 -12 -6 0 6 12
b
Figure 4.2: a: Susceptibility-induced frequency shift in the human body. b: Cartoon showing
the proposed reference system for DPXe resonances. The 0 ppm reference in the xenon
spectrum is obtained by scaling the water resonance frequency by the gyromagnetic ratios of
the two nuclei. The DPXe chemical shift can then be measured with respect to this water-
based reference. This referencing system eliminates the effect of macroscopic susceptibility
gradients. An example of how chemical shift values are calculated is provided in Table 4.3.
4.3 Results
4.3.1 Susceptibility-Induced Frequency Shifts
A map of the reduced magnetic flux density and the induced frequency shift produced
by magnetic susceptibility gradients between tissue and air in the human body is shown in
Figure 4.2. This map outlines the challenge associated with trying to use the gas phase as a
reference for the DPXe frequency. For example, at 3 T, the DPXe signal originating from
brain tissue experiences a local field up to 24 µT lower than that experienced by the gas
phase in the lungs or nasal cavities. This field difference produces an apparent difference in
chemical shift between the gas phase in the lung and the DPXe in the brain of up to 6.5 ppm,






































a                                        b
Figure 4.3: a: Representative maps (left column) of the frequency shift induced by magnetic
susceptibility gradients at 3 T in the human head along with (right column) corresponding
original CT slices used in the model. In CT slices, white represents bones, gray represents
soft tissue, and black represents air. b: Histograms of frequency shift (left) present within
the highlighted voxels shown in the 3D human head rendering (right). Note that anatomical
features of the model located in front of the planes and voxels of interest are visible in the
model rendering.
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aThe water 1H resonance frequency, the xenon gas-phase frequency (because this peak was
quite broad, a range of chemical shift (CS) values is provided), the primary DPXe peak
(previously attributed to gray matter) frequency and the water-based DPXe reference. The
water-based DPXe reference was calculated by dividing the water resonance frequency by
3.6152950216. The last two columns report the DPXe chemical shift calculated with respect
to the water-based DPXe reference and the gas-phase reference.
Figure 4.3a shows axial, sagittal, and coronal views of the frequency shift produced by
magnetic susceptibility gradients in the human head, as well as the corresponding CT slices
showing the details of the skull, nasal cavity, brain, and throat. These maps show that, across
the human head, if shimming is not applied, macroscopic susceptibility gradients can produce
apparent frequency shifts of up to 3 ppm, depending on the region analyzed. Figure 4.3b
shows the frequency distribution for individual voxels previously selected to investigate the
origin of DPXe resonances in the human head[122]. The field and frequency distributions are
particularly inhomogeneous for individual spectra acquired near the nasal cavity or for those
encompassing the brain from top to bottom. Across the brain, macroscopic susceptibility
gradients can produce an apparent frequency shift between 1.5 and 2 ppm, of the same order
of magnitude as variations observed experimentally for the DPXe peaks in the human head
by Rao, et al . [122]. For comparison, Figure 4.4 shows a reduced magnetic flux density map
in the high-pressure NMR tube when it is partially filled with a sample of water.
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Figure 4.4: Reduced magnetic field map of a sample of water in a 5 mm NMR tube placed in a
high (11.7 T) magnetic field. Notice that near the boundary of the water sample (denoted by
red dashed outline) the static field B0 can be distorted by over 10 ppm. NMR measurements
in these regions will result in shorter T?2 coherence times and hence much broader NMR
spectral lines than in the center of the sample where the field is very uniform.
4.3.2 In Vivo MRS in Rats
Figure 4.5 shows representative xenon spectra acquired from the head of one of the rats
at 34◦C and 37◦C. In addition to the gas phase peak and the red blood cell (RBC) peak,
these spectra show 3 additional peaks, with only one of them shifting by an average of −0.2
ppm/◦C. The location of these peaks with respect to the gas phase and the water-based
xenon reference is shown in Table 4.4, along with a summary of previous peak assignments.
Table 4.5 reports the chemical shift value of the major peak attributed to xenon in the brain
for all rats analyzed. Experimental resonance frequencies from which the chemical shift values
were calculated are reported in Table 4.3. As is clear from Table 4.5, our reference system
provides consistent chemical shift values, whereas the gas-phase reference provides chemical
shift values that varied by more than 1.5 ppm across the 4 animals. In this case, smaller
variations, on the order of 0.3 ppm, were observed also across spectra acquired in the same







Figure 4.5: Representative in vivo xenon spectra obtained from the head of one of the rats at
34◦C and 37◦C. Chemical shift values are reported with respect to the water-based xenon
reference calculated from the water resonance frequency measured in the region of interest.
Only the peak at 193 ppm shows a clear upfield shift with increased temperature. Also
shown are the anatomical regions from which the reference 1H spectra were acquired after a
manual shimming procedure (blue (5 × 5 × 5 mm3) and orange (7 × 15 × 14 mm3) boxes
corresponding to the 34◦C and 37◦C spectra, respectively), and the location of the xenon
surface coil (yellow line). A larger reference region was used in the 34◦C spectrum to better























Figure 4.6: Xenon CSI maps in the rat brain. a: CSI matrix depicting two representative
voxels, one inside (1) and one outside (2) the brain, along with (b) the 129Xe spectra referenced
to the water protons in each voxel. c,d: CSI maps of the primary brain (c) and CSF (d)
peaks. The color scale depicts the peak amplitude relative to the maximum peak in each
map.
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Table 4.4: Summary of the chemical shift of the major in vivo DPXe peaks observed in this



























199.3b 202.5 Fat tissue Muscular tissue
210-212 213-214 Red blood cells Red blood cells
aChemical shift values are reported with respect to the gas phase and to our water-based
reference, obtained by scaling the water resonance frequency. Chemical shift uncertainties are
±0.1 ppm unless indicated otherwise. Included is a summary of previous peak assignments.
bSince no gas-phase 129Xe signal was present in the in vivo muscle spectrum, these gas-
referenced values were estimated by taking the chemical shift difference between the water-
referenced DPXe chemical shift values for these peaks and the primary brain tissue peak,
and adding the gas-referenced DPXe chemical shift value for gray matter as reported in Rao,
et al . [122].
Figure 4.6 shows representative spectra obtained from a voxel located inside the brain and
a voxel located outside the brain (Figure 4.6a). In the voxel located inside the brain, only two
major peaks are observed at 198.7 ppm and at 194.9 ppm (Figure 4.6b), previously attributed
to DPXe in gray and white matter, respectively[122]. A very weak signal is observed in the
voxel outside the brain, most likely due to leakage from strong signals originating from brain
tissue[148]. Figure 4.6c,d show CSI maps of the relative amplitude of the brain/gray matter
and CSF DPXe peaks, respectively. In both cases, the signal originates from the expected
regions of the brain.
Figure 4.7 shows representative xenon spectra acquired from different locations on the
rat, along with xenon spectra acquired in vitro in CSF and in excised WAT and muscle.


































Figure 4.7: In vivo and in vitro DPXe spectra. a-d: Show representative DPXe spectra
acquired in vivo from the rat head, leg muscle, kidney, and liver, respectively. All chemical
shifts were calculated using the water-based 129Xe reference calculated from the 1H PRESS
signal acquired from the voxels shown in Figures 4.8 and 4.9. e-g: DPXe spectra acquired in
vitro in samples of CSF, excised rat white adipose tissue, and excised rat muscle, respectively.
In vitro spectra corroborate the peak identification of CSF at 194.9 ppm and lipids at 193 ppm
in vivo and 193.8 ppm in vitro at 31◦C. Liver and kidney spectra show broad peaks centered
around 200-202 ppm that may have contributions from muscle outside of the homogeneous
field region as well as unidentified compartments within each organ.
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a dcb
Figure 4.8: Regions of interest analyzed for the acquisition of rat (a) kidney, (b) liver, and
(c,d) leg DPXe spectra. 1H spectra were acquired from the voxels outlined in magenta,
after a manual localized shimming procedure, using a 1H PRESS sequence, right before the
acquisition of 129Xe spectra. 129Xe spectra were acquired with a 90◦-acquisition sequence with
the use of a surface coil, whose position is indicated by the yellow line. The anatomical image
for the liver (b) was acquired post mortem since movement of the diaphragm significantly
distorted the liver image.
in Figures 4.8 and 4.9. In the rat leg, four peaks are clearly visible: two prominent peaks,
located at 193 ppm and 202.5 ppm, and two small, broad peaks, located at 198.8 ppm and at
214 ppm, the latter known to originate from DPXe in RBC. Comparison of the in vivo spectra
with the in vitro spectra acquired from excised muscle and adipose tissues (Figure 4.10)
clearly indicates that the peak at 193 ppm (originally reported at 188-189 ppm from the gas
phase[122]) originated from xenon dissolved in fat, not muscle. Also, the shift of this peak
observed in the rat head spectra acquired at the two different temperatures is consistent with
the previously measured temperature-induced shift of the chemical shift of xenon dissolved
in lipids[146].






Rat 1 194.6-196.1 198.5±0.1
Rat 2 195.7 198.7±0.1
Rat 3 195.8 198.7±0.1
Rat 4 195.9-196.3 198.8±0.1
aChemical shift values are reported with respect to the xenon gas phase and our water-based
reference, calculated from the resonance frequency of water protons. The gas phase in Rats 1
























Figure 4.9: 1H anatomical coronal image of the rat kidney with DPXe gradient-echo image
overlay. The magenta box outlines the shimmed region. Notice that most of the DPXe signal
originates from a region within the kidney.
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Figure 4.10: Comparison of in vivo and in vitro 1H and DPXe muscle spectra. a: In vivo
1H (left) and 129Xe (right) muscle spectra. b: In vitro 1H (left) and 129Xe (right) muscle
spectra acquired with a sample of excised muscle placed under 2.86 atm of xenon gas. Note
that all spectra were acquired by optimizing shim conditions for the water protons. The
use of a 3 atm xenon pressure for the in vitro studies produced a downfield shift of the
DPXe lipid peak, as expected based on the previously reported pressure dependence of this
peak[146]. Likewise, the muscle DPXe peak in vitro is shifted downfield from the in vivo peak
by approximately 1.5 ppm, most likely because of a pressure dependence of the DPXe muscle
peak (see Figure 4.12) and post mortem changes in muscular structure and/or chemistry. A
very broad peak centered at around 198.8 ppm can also be seen in the DPXe spectrum.
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Because the peak at 193 ppm can be confidently assigned to xenon dissolved in lipids,
the peak at 202.5 ppm and the broad peak at 198.8 ppm, the only other peaks seen in the
spectra from the rat leg and not seen in the spectra from excised adipose tissue, can only
be assigned to xenon dissolved in muscle. In vitro, the peak at 202.5 ppm appears to be
much broader and shifted slightly downfield, while the broad peak at 198.8 ppm was only
visible in the spectrum acquired from excised mouse muscle. These differences between the
in vivo and in vitro muscle spectra may be due to post mortem changes in tissue structure
and composition.
Similarly, by comparing the in vivo brain spectra to the spectra acquired in vitro from
CSF samples, we can identify the peak at 194.9 ppm (downfield 192 ppm from the gas phase
and 3.9 ppm from the major peak) observed in the rat head spectra as coming from CSF.
4.4 Discussion
To take full advantage of the sensitivity of the DPXe chemical shift to the chemical
environment in vivo in tissues, a robust referencing system needs to be established. As showed
by our simulations, the gas-phase peak represents a sub-optimal reference; when the DPXe
peaks are referenced to the gas-phase peak, magnetic susceptibility gradients can produce
apparent variation in the chemical shift values that make comparison between in vivo xenon
spectra very difficult (see Table 4.2). In addition, considering that in vivo, in tissues, the
chemical shift of DPXe resonances spans a range of ∼15 ppm, these variations prevent us from
recognizing peaks originating from the same tissue/organ, or from exploiting the sensitivity
of some of the DPXe chemical shifts to monitor important physiological parameters such as
blood oxygenation[104, 149] or tissue temperature[146].
Magnetic susceptibility gradients can also negatively affect the apparent chemical shift
of DPXe peaks, even within the same organ. A variation of approximately 2 ppm, similar
to the one recently reported in the human head by Rao, et al . [122], was indeed computed
just across the human brain. Although in vivo shimming is typically applied to reduce some
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of these frequency variations, because shimming can only be optimized either for the gas
phase or the dissolved phase, but not both, some of these frequency variations are expected
to remain.
In this study, we showed that the effect of macroscopic susceptibility gradients can be
mitigated by referencing the DPXe resonances to that of nearby water protons. By using
water protons in close physical proximity as a reference for the DPXe peaks, consistent
chemical shift values for the DPXe resonances were obtained. In addition, we could directly
compare spectra acquired from different tissues/organs or spectra acquired in vivo with those
acquired in vitro. These comparisons have proven to be indispensable to correctly identify
the origin of common and uncommon xenon peaks in spectra acquired in vivo.
Specifically, in addition to the broad peak at 213-214 ppm, which is well-known to
originate from xenon dissolved in red blood cells, we were able to identify three additional
peaks: one around 193 ppm, one broad peak around 198.8 ppm, and one around 202.5 ppm.
The first peak, which corresponds to the peak seen between 187 and 189 ppm in Mazzanti,
et al . [108], Zhou, et al . [138], Nakamura, et al . [127], and Rao, et al . [122] in spectra acquired
from rat and human heads, was previously attributed to non-brain tissue and jaw muscle. In
this study, comparison of in vivo spectra with in vitro spectra chemical shift values obtained
from xenon dissolved in adipose tissue clearly shows that this peak originates from regions
outside the brain and, specifically, from xenon dissolved in subcutaneous fat. The chemical
shift of this peak nicely matches the chemical shift previously measured for xenon dissolved
in adipose tissue in our lab[109], as well as the major peak seen from brown adipose tissue in
humans during stimulation of thermogenesis[111] (see Table 4.6).
Not surprisingly, this peak is very broad or can appear to be split in multiple components,
when shimming conditions are optimized for the water signal[122]. For example, Figure 4.11
shows a comparison of 1H and DPXe spectra in the rat liver with shimming conditions
optimized for water and then fat. When shimmed on water, the DPXe spectrum presents only
a broad resonance for 129Xe dissolved in fat since the magnetic field in these compartments is
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Table 4.6: Comparison of chemical shift values of DPXe in rat white adipose tissue at 31◦C as

























aFor chemical shift values reported in Zhang, et al . the values γXe=11.777 MHz/T and
γH=42.576 MHz/T were used for the
129Xe and 1H gyromagnetic ratios, whereas the current
work uses the values γXe=11.7767392 MHz/T and γH=42.5763866 MHz/T. The difference in
the precision of the values used accounts for the difference in the proton-referenced chemical
shift values at 31◦C.
distorted. When shimmed on fat, the DPXe spectrum reveals 129Xe dissolved in multiple
compartments, with some likely outside the volume of interest since the splitting is not
observed in the localized 1H spectrum. Additionally, the 0.2 ppm/◦C temperature-induced
upfield shift seen in one of the rats is consistent with the temperature-induced shift of xenon
dissolved in adipose tissue used previously for in vivo temperature imaging in mice[146].
The small frequency variations seen in this peak across the in vivo spectra are more likely
indicative of a temperature gradient present in the anesthetized rat. For example, the same
peak appears to have a small upfield shift in the spectrum collected from the rat leg, which
was placed right next to the heating hose inside the magnet. In vitro experiments, where
temperature could be more precisely controlled and shimming conditions optimized for the
methylene peak, place the lipid DPXe peak more accurately at 193.8 ppm at 31◦C (see
Table 4.7).
The identification of the peak at 193 ppm as a peak originating from xenon dissolved
in adipose tissue leads to the identification of the two peaks at 202.5 ppm and 198.8 ppm
as originating from muscle tissue. While the peak at 202.5 ppm, elsewhere reported at
199-200 ppm downfield from the gas-phase resonance, was previously identified as originating
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Figure 4.11: Comparison of 1H PRESS spectra and single-pulse acquisition DPXe spectra
in a rat liver, with shimming conditions optimized either for water (top) or fat (bottom)
signal. For the 1H PRESS spectra (right), narrow bandwidth refocusing pulses were used
to suppress the fat (water) signal in the top (bottom) spectrum. Shimming conditions were
found to strongly affect the shape of the DPXe spectrum. We believe that the splitting of
the peak at 193 ppm found when shimming on the fat proton signal is most likely due to the
presence of different lipid compartments in which xenon dissolves. Since this splitting is not
observed in the 1H PRESS spectrum obtained from the shimmed voxel, one could speculate
that, while one peak originates from xenon spins dissolved in the lipid compartments within
the shimmed voxel, the other peak originates from xenon dissolved in the surrounding fat
tissues.
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rat 1 brain 193.14 0.52 17.20
kidney 193.04 1.03 7.96
liver 193.23 1.19 5.94
muscle 193.16 1.65 5.48
rat 2 brain 193.02 0.56 7.80
kidney 193.31 1.03 9.11
liver 193.28 1.16 8.30
muscle 194.07 1.29 7.52
rat 3 brain 193.00 0.55 9.10
kidney 193.38 0.93 6.63
liver 191.32 2.01 5.94
liver 193.22 0.90 5.94
muscle 194.12 1.82 6.86











olive oil 1.30 193.91 0.21 2.53
rat WAT 1.03 193.79 0.61 3.58
rat muscle 6.35 194.15 2.40 3.23
rat muscle/WAT ∼3 193.75 0.04 2.30
rat WAT 1.00 193.77 0.36 5.06
rat WAT 0.50 193.75 0.35 3.91
aComparison of lipid peaks from in vivo and in vitro experiments. All lipid peaks were
fit with a Voigt profile in MATLAB using an iterative least-squares algorithm. RMS error
indicates the RMS difference, in percent, between the fitted Voigt lineshape and data in the
fitted spectral region. Some in vivo regions were composed of a main peak with a sizable
shoulder on the upfield side of the peak, likely from contributions outside of the shimmed
ROI. Most likely, small temperature gradients present across the anesthetized rat body also
contributed to the small variation in the chemical shift of the lipid peak.
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Figure 4.12: Pressure-induced frequency shift measured in vitro for xenon dissolved in human
CSF, rat WAT, and rat muscle. The pressure-induced shift of the DPXe chemical shift seems
to strongly depend on the tissue in which xenon dissolves. For example, the average shift
seen in CSF was only about 0.05 ppm/atm, whereas in muscle it was about 0.27 ppm/atm.
from xenon dissolved in interstitial fluid, plasma, fat tissue, and jaw muscle[122, 126], the
peak at 198.8 ppm has never been reported. Because these are the only two peaks seen in
the rat leg spectrum, along with the peaks attributed to xenon dissolved in fat and RBC,
we can confidently assign these two peaks to xenon dissolved in muscle tissue, although a
contribution from xenon dissolved in plasma for the 198.8 ppm peak cannot be excluded.
The peak at 194.9 ppm corresponds to the peak observed between 191 and 194 ppm
and assigned to white matter plus blood plasma in Kershaw, et al . [126], and between
192 and 192.7 ppm and assigned to white matter in Rao, et al . [122]. Comparison of in
vitro spectra acquired in CSF samples and in vivo rat head spectra strongly suggests that
this peak originates or has contribution from xenon dissolved in CSF. This peak, which in
vivo can derive from passive diffusion of xenon across the blood-CSF barrier, was indeed
visible only in voxels located within the brain that contained the lateral ventricles in our rat
head CSI studies and in the human head CSI studies by Rao, et al . [122]. Naturally, the
assignment of the peak at 194.9 ppm to xenon dissolved in CSF raises the question of where
the peak corresponding to xenon dissolved in white matter is. Unfortunately, high-resolution
spectroscopy studies of excised brain tissue, which were tried in our lab, could not help in
this case because spectra from excised brain tissue presented a single, very broad resonance










in vivo rat muscle
e
excised mouse muscle
equil.@ 3.14 atm Xe
excised rat muscle 1
equil.@ 2.82 atm Xe
excised rat muscle 2
equil.@ 2.86 atm Xe
excised rat muscle 3
equil.@ 6.35 atm Xe
muscle
Figure 4.13: Comparison of (a) DPXe spectrum obtained in vivo from rat muscle, to DPXe
spectra obtained from excised muscle tissue from different rats euthanized with CO2 (b-d)
and from a mouse euthanized with pentobarbital (e). The in vivo spectrum clearly shows 4
peaks: one from xenon dissolved in RBC, one from xenon dissolved in lipids (interestingly,
in vivo, this peak is shifted slightly upfield, possibly because the temperature of the rat leg,
situated close to the heating hose, was slightly higher than the rat rectal temperature), and
two from xenon dissolved in muscle. These two peaks are extensively broadened in the in
vitro spectra and have a slightly higher chemical shift, possibly due to a post mortem change
in tissue structure and/or chemistry. Also, given that the broad peak at 198.8 ppm is about
15 ppm upfield from the RBC, based on the previous literature report, we cannot exclude
some contribution from xenon dissolved in plasma.
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in excised muscle, was much broader than the frequency lines observed in the corresponding
1H spectra, indicating possible fast exchange of xenon dissolved in different compartments
whose structure and/or chemistry was probably compromised post mortem during excision
(Figures 4.12 and 4.13).
4.5 Conclusions
Macroscopic susceptibility gradients produce large shifts in the apparent chemical shift of
DPXe resonances and prevent correct identification and assignment of peaks that can be found
in xenon spectra acquired from different animals or organs. By referencing the DPXe chemical
shift to that of nearby water protons, we can remove the effect of macroscopic susceptibility
gradients and obtain consistent chemical shift values for xenon signals originating from
the same organ or tissue compartments. Such a referencing system allows us to compare
directly chemical shift values obtained in vivo to those obtained in vitro from excised tissue
or biological samples, and to identify correctly the origin of several peaks observed in vivo.
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CHAPTER 5: DEPENDENCIES OF LIPID-DISSOLVED XENON CHEMICAL
SHIFT
Results in this section have been published in the journal Magnetic Resonance in
Medicine.1
5.1 Introduction
Temperature, one of the most fundamental physical properties of matter, is extremely
hard to measure non-invasively in vivo. The temperature dependence of the resonance
frequency of water protons (PRF) is linear between 25◦C and 110◦C with a slope of -0.01
ppm/◦C [150, 151]. In high resolution NMR spectroscopy, one can leverage this temperature
dependence to track accurately temperature changes[152] as well as to calibrate variable
temperature control systems for future experiments[153, 154].
Since the temperature dependence of the chemical shift of water protons is nearly
independent of tissue type[155], it has been used in vivo to monitor changes in temperature
in tissues[155, 156]. This method is known as the proton resonance frequency shift method,
or PRFS.
If the water 1H frequency is referenced to an internal temperature-insensitive frequency,
absolute temperature can be measured. This method has been successfully applied in the
brain where N-acetylaspartate (NAA) serves as the temperature-insensitive reference for
water protons[157–163] (see literature review in Ref. [164] for comparison of non-human in
vivo and phantom in vitro studies).
1Antonacci MA, Zhang L, Degan S, Erdmann D, Branca RT. Calibration of methylene-referenced lipid-
dissolved xenon frequency for absolute MR temperature measurements. Magnetic Resonance in Medicine
2019; 81:765-772. DOI: 10.1002/mrm.27441.
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The PRFS has likewise been applied to monitor relative temperature change during high-
intensity focused ultrasound thermal ablation of cancerous tumors[165] in the breast[166, 167],
liver[168–171], and kidney[171–173]. However, precise absolute temperature measurements
are difficult in regions outside the brain for a number of reasons: First, even for relative
temperature measurements, an internal signal that is robust to temperature change must
be present; Second, shimming conditions in vivo result in spectral line widths orders of
magnitude wider than in high resolution NMR; Finally, magnetic susceptibility gradients in
vivo can distort line shapes to the point where uncertainty in the peak centroid overshadows
the shift due to temperature change. This effect can even be magnified in the presence of fat,
as the magnetic susceptibility of fat is temperature dependent, making magnetic susceptibility
gradients also temperature dependent[174].
Nowhere are these effects more prominent than in lipid-rich regions like brown adipose
tissue, where lipid droplets of various sizes are dispersed in the cell cytoplasm[146, 175].
Although some have used the methylene signal from the lipids as a useful temperature-
insensitive reference for water protons, the difference in magnetic susceptibility between the
lipid and water compartments, along with the relatively strong temperature dependence of
the magnetic susceptibility of fat[176], produce local magnetic field gradients that result in a
temperature inaccuracy of several degrees Celsius[135, 146, 164, 174, 177–179]. As a result, it
is not surprising that very different temperature calibrations of the water-methylene resonance
frequency have been reported over the years[180–182]. Although at the macroscopic level one
could think of using shim gradients to rectify the effect of magnetic susceptibility gradients,
in practice this can only be done either for the water or the lipid compartment, but not for
both (see Figure 5.1, for example).
Recently, it was shown that the resonance frequency of 129Xe dissolved in adipose tissue
(AT), also called lipid-dissolved 129Xe (LDX), had a strong linear temperature dependence
(-0.2 ppm/◦C) in the physiologically-relevant temperature range of 25-45◦C [109, 178] and
higher[183]. It was also suggested that, by referencing the LDX frequency to that of the
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Figure 5.1: In vivo localized 1H spectrum from the supraclavicular brown adipose tissue
depot of a human subject. Notice how the methylene peak could be made relatively narrow
and symmetric (i.e. the magnetic field in the lipid compartments is more uniform), whereas
the water peak is broad and distorted (i.e. the magnetic field in the water compartments is
less uniform). Motion from the subject’s breathing further complicates the field correction
procedure.
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temperature-insensitive methylene protons in a volume in which xenon dissolves, absolute
temperature information could be obtained[178]. Absolute temperature measurements could
be valuable not only for calibration of more conventional MR thermometry methods used to
monitor temperature during hyperthermia treatment of lipid-containing tumors[184], but also
for the detection of thermogenic activity of brown adipose tissue (BAT), a tissue specialized
in heat production that is currently being considered as a good target for the treatment of
obesity and diabetes[185]. Considering that the LDX signal is the primary signal observed in
vivo in hyperpolarized 129Xe spectra of rodent[109] and human[111] BAT, measurements of
absolute temperature by LDX could provide a direct window to BAT thermogenic activity
which, so far, can only be detected indirectly via infrared thermography[186, 187]. However,
because previous studies have reported differences in the chemical shift of xenon dissolved in
different kinds of oils[81, 183], and considering that BAT temperature needs to be measured
with an accuracy better than 1◦C, the scope of this work was to investigate whether the
methylene-referenced LDX (rLDX) signal also had a dependence on lipid composition that
could affect the precision with which absolute temperature measurements can be made.
5.2 Temperature Dependence of the 129Xe Chemical Shift
The temperature dependence of dissolved-phase 129Xe has been observed experimentally
and reported in the literature for various solvents since the 1980s[81]. Quantitative predictions
for the chemical shift of 129Xe in a given environment are often made by running detailed
molecular dynamics[79, 82, 188–190] or quantum Monte Carlo[79, 191, 192] simulations
of the thermodynamics of the system. However, a good qualitative understanding of the
temperature dependence of the 129Xe chemical shift in solution can be reached through a
simplified quantum mechanical model of a 129Xe atom trapped inside a rigid compartment.
This section describes a simple model for the 129Xe chemical shift when the atom is trapped
inside a rigid cage, and then uses this model to explain the observed 129Xe chemical shift’s
temperature dependence in the dissolved state.
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A theoretical explanation for the origin of the chemical shift’s temperature dependence
of 129Xe inside a rigid micropore was given by T.T.P. Cheung[193]. We begin here with
a summary of Cheung’s derivation. As we have already seen, the chemical shift of 129Xe
originates from the change in local magnetic field (deshielding) at the 129Xe nucleus by
surrounding atoms and molecules. In the dilute limit (i.e. no xenon–xenon interactions),
the observed chemical shift δo(T ) of
129Xe depends on the potential U(~r) between the xenon
atom and the surface of the micropore and the isotropic 129Xe chemical shift δ(~r), and is








where V is the volume of the micropore. The potential energy between a xenon atom and











where a is the sum of the van der Waals radii of the xenon and micropore surface atoms and
ε is the depth of the potential well. The total potential, then, would be the pairwise sum of
the potentials between the single xenon atom and all of the surface atoms in the micropore.
For simplicity, consider the case of two parallel infinite sheets of identical atoms with center
to center separation R enclosing a xenon atom (see Figure 5.2) with a being the sum of the
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where −R/2 < y < R/2 and n is the number of micropore surface atoms in the area a2. In
this case, the potential is solely a function of position in the y direction. U(y) is plotted in





Figure 5.2: Diagram of a simple model of a micropore consisting of two infinite parallel planes
of atoms separated by a distance R. The distance a is the sum of the xenon and pore wall
atom van der Waals radii.
applied quantum mechanical perturbation theory to show that in closed-shell atoms, like
xenon, chemical shift is proportional to the van der Waals interaction energy W (~r):
δ(~r) = −cW (~r). (5.4)
For the case of xenon and a surface atom, the first term of Equation (5.2) gives the van der
Waals interaction energy. If we repeat the integration over both infinite layers with just this










Importantly, Cheung notes that the potentials shown in Figure 5.3 are qualitatively
similar to the case of xenon in a spherical micropore (see Figure 2 in Ref. [91]). Note also
that for values of R/a > 2.4 the interaction potential begins to develop a bump at y/a = 0
and to split into two potential wells. Thus there are two discernible cases with very different
dynamics: In one case, the micropore is small and on the order of the size of the xenon van
der Waals diameter (R/a < 2.4), while in the other case the pore is large relative to the
xenon van der Waals diameter (R/a > 2.4).
In the current work, we would like to consider xenon in solution rather than in a rigid
cage and can leverage the first case (R/a < 2.4) of the model just described to explain
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Figure 5.3: Plot of the potential function U(y) (Equation 5.3) for xenon trapped between
two infinite parallel sheets of atoms vs. position for various ratios of R to a.
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the temperature dependence of dissolved-phase 129Xe. Jameson, et al . [79] have studied
the chemical shift of 129Xe dissolved in liquids with molecular dynamics simulations that
agree well with experimental results. In their work, they describe the system of xenon
dissolved into a liquid in the dilute limit as a xenon atom “surrounded by a dynamic cage of
solvent molecules.” Unlike the rigid cage of micropores, solvent cages will change size as the
temperature, and hence the density, of the solvent changes. As temperature increases, density
decreases and solvent cages increase in volume, leaving 129Xe more screened by its atomic
electron cloud and thus with a reduced chemical shift. Jameson, et al . report that molecular
dynamics simulations of 129Xe dissolved in various liquids (water, alkanes, and perfluorooctyl
bromide) show a corresponding decrease in 129Xe chemical shift[79]. Experimental evidence
of the reduction of 129Xe chemical shift with increasing temperatures has indeed been found
for 129Xe dissolved in these liquids[79, 81, 195, 196]. To show that the temperature-induced
decrease in density, thus increase in free volume available to 129Xe, was the primary cause for
the reduction in chemical shift, Jameson, et al . repeated their simulations holding the liquid
density constant. In this case, the average 129Xe chemical shift was left unchanged to within
error demonstrating that change in density is the primary mechanism causing 129Xe chemical
shift to change with temperature.
The analytical model developed by Cheung can now be used to illustrate the inverse
temperature dependence of the 129Xe chemical shift if, instead of a rigid micropore, we assume
a flexible solvent cage that expands with increasing temperature. This means that the length
R in the denominator of Equation (5.5) would increase and the resulting average chemical
shift δ(y) would decrease, and vice versa.
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5.3 Materials and Methods
5.3.1 Sample Preparation
Samples of neat triglycerides (triolein (18:1), trielaidin (18:1T), trilinolein (18:2), trilinoe-
laidin (18:2T), tripalmitolein (16:1), and tripalmitelaidin (16:1T) (number of carbons:number
of double carbon bonds, where T indicates trans isomers)), were obtained from NuChek Prep,
Inc, Elysian, MN, while neat corn and olive oils were obtained from Sigma-Aldrich and whole
kernel, unrefined coconut oil from Dr. Bronner’s (www.drbronner.com). Rat and mouse
AT samples were excised from the animals immediately following euthanasia. All animal
studies were performed under protocols approved by the Institutional Animal Care and Use
Committee at the University of North Carolina at Chapel Hill. Human AT samples were
obtained after de-identification from 6 patients undergoing abdominoplasty/panniculectomy
surgery. The surgically removed tissue was rapidly transported to a sterile hood for dissection
of the AT using forceps and surgical scissors. The AT was then transported on ice to the
facility housing the NMR spectrometer and samples were immediately prepared.
For NMR measurements, all samples were placed in a high-pressure NMR tube (Daedalus
Innovations, LLC, Aston, Pennsylvania, USA) connected to a home-built vacuum pump
system. Samples were frozen in liquid nitrogen, evacuated with a rotary pump, and thawed.
This process was repeated 3 times to ensure that all oxygen was removed from the sample.
Each sample was then equilibrated for 24 hours with >86% isotopically enriched 129Xe gas to
a pressure of about 1 atm in order to avoid Xe-Xe chemical shift contributions[178].
5.3.2 High-resolution NMR spectroscopy
Prepared oil, triglyceride and tissue samples were all studied by high-resolution NMR on
a 500 MHz spectrometer (Varian NMR Systems, Palo Alto, California, USA). Samples were
equilibrated for about 1 hour in the spectrometer at temperatures of approximately 25◦C,
30◦C, 35◦C, and 40◦C. Temperatures were maintained by a variable temperature controller
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and calibrated with an accuracy of 0.1◦C at the beginning of each spectroscopy experiment
using a 100% methanol temperature standard.
All samples were manually shimmed using up to the 7th order z shim and 4th order x
and y shims. Proton spectra were acquired before and after 129Xe spectra in order to confirm
consistent conditions throughout the 129Xe acquisition. Proton spectra were acquired with a
center frequency (CF) of 499.7828127 MHz, repetition time (TR) of 6 s, spectral width (SW)
of 5998 Hz, 11996 points, 16 averages, and 6◦ flip angle. The proton TR was chosen to ensure
full relaxation of triglyceride protons, since the proton spectra were also used to measure
fat saturation, as described below. 1H T1 and T2 measurements were also performed on the
triglyceride peaks of interest in one human AT sample at 37◦C and the data were processed
on the spectrometer using VNMRJ software (Varian). 129Xe spectra were acquired with a
CF of 138.2672519 MHz, TR=26 s, SW=60015 Hz, 120030 points, 36 averages, and 46◦ flip
angle.
5.3.3 Measurement of Triglyceride Saturation by 1H NMR
For all samples, lipid saturation was measured as described in Refs. [197] and [198].
Briefly, the total unsaturated fatty acid (FA) content was calculated using the integrated
areas of the spectral peaks of the allylic protons (A, at 2.03 ppm) and protons α to COO (B,







where the factor of 1/2 accounts for there being twice as many allylic protons than αCOO
protons in each FA chain. Then, the fraction of saturated FAs was calculated from
fsat = 1− funsat. (5.7)
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5.3.4 Spectral Analysis and Estimation of Uncertainties
Proton spectra were processed by first applying an automatic phase correction method
implemented in MATLAB (MathWorks, Natick, MA, USA)[199]. Both phased proton and
magnitude 129Xe spectra were fit in MATLAB using a non-linear, iterative algorithm to
either Lorentzian or Voigt line shape models that incorporated linear or quadratic baseline
correction[200]. Uncertainties in the methylene peak position were estimated from the fit
results. Uncertainties in the measurement of triglyceride and neat oil saturation by 1H
NMR were calculated as the standard deviation of the measured saturation values at all
temperatures. The uncertainties in saturation for human samples were calculated by adding
in quadrature the maximum variation of measured saturation in pure triglyceride samples
to the standard deviation of measured saturation values for the human samples at each
temperature.
Temperature measurements by rLDX chemical shift were performed as described in
previous work[178, 201]. Briefly, the water frequency, assumed to be 3.5 ppm downfield
from the measured methylene frequency, was scaled by 3.61529502 (i.e. by the ratio of
the gyromagnetic ratios of 1H and 129Xe) to find a fictitious 0 ppm reference for the rLDX
chemical shift.
In order to calibrate accurately the temperature dependence of the rLDX chemical
shift, each chemical shift measurement was plotted as a function of the sample temperature
calibrated on the NMR spectrometer as described above. The final data were fitted to a linear
model by the method described in Ref. [202] in order to appropriately weight the experimental
uncertainties in temperature and chemical shift at each data point. The uncertainty of the
final temperature calibration curve was calculated by first rearranging the rLDX chemical shift
versus temperature fit to solve for temperature (see Figure 5.5 below), and then propagating,
in quadrature, the standard errors in the calibrated temperature coefficient, chemical shift
offset, and typical experimental chemical shift uncertainty of 0.02 ppm in the rLDX spectrum.
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5.4 Results
5.4.1 Lipid Saturation by 1H spectroscopy
The T1 and T2 values for the allylic protons were measured to be 0.629±0.007 s and
0.176±0.005 s, and for the αCOO protons were 0.672±0.021 s and 0.178±0.004 s, respectively.
No T1 or T2 corrections were needed for quantitative analysis as observed T
?
2 values were less
than 0.035 s. Saturation values for all samples measured are shown in Table 5.1. Variations
in measured saturation uncertainties in the human AT samples are the result of variations
in the achievable field homogeneity, which led to varying degrees of overlap between the
adjacent allylic and αCOO peaks.
Table 5.1: Fraction of saturated fatty acids in each sample as measured by 1H NMR and













18:1 0.00 0.010 0.015 192.51±0.02
18:2 0.00 -0.005 0.013 194.37±0.02
16:1 0.00 0.007 0.012 192.06±0.02
18:1T 0.00 -0.005 0.021 193.20±0.02
18:2T 0.00 -0.023 0.007 195.94±0.02
16:1T 0.00 0.007 0.024 192.80±0.02
Olive Oil — 0.152 0.004 192.57±0.02
Corn Oil — 0.129 0.009 193.57±0.03
Coconut Oil — 0.966 0.006 188.73±0.02
Human AT 1 — 0.29 0.10 192.51±0.02
Human AT 2 — 0.25 0.09 192.60±0.02
Human AT 3 — 0.27 0.06 192.45±0.02
Human AT 4 — 0.24 0.02 192.54±0.02
Human AT 5 — 0.30 0.03 192.50±0.02
Human AT 6 — 0.19 0.09 192.56±0.02
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5.4.2 129Xe Chemical Shift Dependence on Lipid Saturation in Neat Triglycerides
and Oils
Plots of the rLDX chemical shift versus temperature in neat triglyceride and oil samples are
shown in Figure 5.4. Although all of the triglycerides analyzed were unsaturated, substantial
variation in the chemical shift offset is observed with varying hydrocarbon chain length,
number of double bonds, and isomer. In the neat vegetable oil samples, the chemical shift
offset seems also to vary with the degree of lipid saturation. Based on the measurements in
pure unsaturated triglycerides, the chemical shift offset most likely depends on the composition
of the unsaturated triglycerides in each of these oils (see the Discussion section below).
5.4.3 Absolute Methylene-referenced, Lipid-dissolved 129Xe Temperature Cali-
brations in Human Adipose Tissue
Plots of the rLDX chemical shift versus temperature in AT samples collected from 6
different subjects, along with results from mouse and rat AT samples, are shown in Figure 5.5.
Within the physiologically-relevant temperature range, the rLDX chemical shift is linear and
the model best fit for the human data is δ =(-0.2058±0.0010 ppm/◦C)×T+(200.15±0.03
ppm) when accounting for the individual measurement uncertainties, as described above.
Rearranging and propagating the model standard errors, the temperature measurement by
rLDX chemical shift is accurate to within 0.3◦C.
5.4.4 Comparison with 1H-methylene Absolute Thermometry
Lastly, we analyzed the accuracy of temperature estimation performed by using the previ-
ously reported relation between the 1H-methylene frequency separation and temperature[180,
181] that have also been used in vivo to directly measure absolute temperature in human
AT. Table 5.2 presents temperature measurements performed on human AT sample 6 at 5
different temperatures using the 1H-methylene chemical shift separation method in the high-




































































Figure 5.4: Plots of rLDX chemical shift versus sample temperature for neat (a) triglycerides
and (b) vegetable oils. Experimental uncertainties for each measurement are indicated by
elliptical regions around each point. Best fits for rLDX chemical shift curves for 18:1, 18:2,
and 16:1 samples are (-0.2021±0.0025 ppm/◦C)×T+(199.99±0.08 ppm), (-0.2045±0.0025
ppm/◦C)×T+(201.93±0.08 ppm), and (-0.2031±0.0025) ppm/◦C ×T+(199.57±0.08
ppm), respectively. Best fits for 18:1T, 18:2T, and 16:1T are (-0.2042±0.0042
ppm/◦C)×T+(200.76±0.15 ppm), (-0.2101±0.0027 ppm/◦C)×T+(203.71±0.09 ppm), and
(-0.2066±0.0027 ppm/◦C)×T+(200.44±0.09 ppm), respectively. Best fits for coconut,
olive, and corn oils are (-0.2097±0.0026 ppm/◦C)×T+(196.49±0.08 ppm), (-0.2073±0.0026
ppm/◦C)×T+(200.24±0.09 ppm), and (-0.2059±0.0032 ppm/◦C)×T+(201.18±0.11 ppm),
respectively.
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Figure 5.5: Plot of rLDX chemical shift versus temperature for all human AT samples,
and comparison with rat and mouse AT samples. Experimental uncertainties for each
measurement are represented by elliptical shaded regions. The fitted curve takes into account
the experimental uncertainties at each point in both temperature and rLDX chemical shift
resulting in a temperature dependence of (-0.2058±0.0010 ppm/◦C)×T + (200.15±0.03
ppm) for human WAT. The absolute temperature calibration uncertainty, calculated by
propagating the standard error in the temperature coefficient and chemical shift offset, and
assuming an experimental rLDX chemical shift uncertainty of 0.02 ppm, is less than 0.3◦C
within the physiologically-relevant temperature range. The rat and mouse rLDX chemical
shift temperature dependences are (-0.2170±0.0026 ppm/◦C)×T+(200.47±0.09 ppm) and
(-0.2135±0.0033 ppm/◦C)×T+(200.44±0.11 ppm), respectively.
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Table 5.2: Absolute temperature measurement values as obtained in human AT sample 6 by

















25.1 3.445 28.5±0.8 27.9±1.0 24.8±0.2
30.2 3.370 34.1±0.2 34.8±0.2 29.9±0.2
35.2 3.319 37.9±0.2 39.5±0.2 34.9±0.3
37.0 3.338 36.4±0.2 37.8±0.2 36.8±0.3
39.9 3.280 40.7±0.2 43.1±0.2 39.9±0.3
equilibrated and relatively homogeneous AT sample), the measured absolute temperature can
vary from the calibrated sample temperature by over 4◦C, depending on which 1H-methylene
chemical shift separation calibration is used.
5.5 Discussion
The rLDX chemical shift studies of triglycerides and neat oils clearly show that the
rLDX chemical shift and its temperature dependence varies with the type of oil/triglyceride
analyzed. The temperature dependence for triglycerides is close to -0.20 ppm/◦C, whereas
for neat oils it is slightly higher and close to -0.21 ppm/◦C. Although the oils examined here
have a wide range of lipid saturations, with high saturation producing lower rLDX chemical
shift values, a bare dependence of rLDX chemical shift on the degree of lipid saturation does
not seem to be sufficient to explain the observed variations in the chemical shift offset. We
therefore examined the dependence of the rLDX chemical shift on other factors that varied
between samples, including density, fraction of medium-chained fatty acids (6-12 C atoms),
fraction of double carbon bonds (FDCB), and average hydrocarbon chain length (AHCL), as
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Figure 5.6: Plots of rLDX chemical shift at 37◦C versus (a) lipid saturation, (b) density,
(c) fraction of medium-chain fatty acids, (d) ln of the fraction of double-carbon bonds
(FDCB), and (e) average hydrocarbon chain length (AHCL). FDCB and AHCL are calcu-
lated as described above. Fit lines for (d) and (e) are 3.470ln(FDCB)+202.48 ppm and
1.017(AHCL)+175.31 ppm, with R2 values of 0.906 and 0.654, respectively. Error bars are
omitted from (a) for clarity; values are given in Table 5.1.
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where fi is the fraction of component i in the sample, Di is the number of double carbon
bonds in component i, and Bi is the total number of bonds in the hydrocarbon chain of






where Ai is the number of the carbon atoms in the hydrocarbon chain, and the denominator
serves as a normalization factor for the human AT composition, of which only 94% of the
components were reported[205]. Surprisingly, neither density nor fraction of medium-chained
fatty acids show a clear correlation with rLDX chemical shift. On the other hand, both FDCB
and AHCL seem to correlate with rLDX chemical shift (Figure 5.6d,e). This dependence is
not surprising and consistent with the dependence on the methylene/methyl ratio previously
found by Lim, et al . [206] for the chemical shift of xenon dissolved in n-alkanes at constant
temperature. This dependence, as later described by Yuan, et al . [82], does not arise from a
higher contribution of CH2 than CH3 to the xenon chemical shift, but to the fact that these
measurements were made at a constant temperature rather than at constant thermodynamic
state[79, 82]. The observed increase in chemical shift with the number of double bonds is
likely due to the through-space intermolecular deshielding effect of the carbon-carbon double
bond. Of course, a double bond also produces a kink in the molecule and an increase in
the“void size” sampled by xenon that, in turn, should lead to a decrease in xenon chemical
shift. These two effects (increase in void size and increase in deshielding effect in the presence
of a double bond) drive the xenon chemical shift in opposite directions. However, the increase
in chemical shift due to the deshielding effect of a carbon-carbon double bond seems to be
greater than the decrease in chemical shift due to the increase in void size, as shown by
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comparison of chemical shift values obtained in cis and trans configurations of triglycerides.
For example, as can be seen in Figure 5.4a, the difference in chemical shift is more remarkable
between the triolein and trilinolein, which have comparable void sizes but a different number
of carbon-carbon double bonds, than between the triolein and trielaidin, which have different
void sizes but the same number of double bonds. Of course, to separate quantitatively each
of these contributions to the xenon chemical shift, molecular dynamics simulations should be
performed.
Despite the variation in rLDX chemical shift among the triglycerides and neat oil samples
found here, the rLDX chemical shift seems to be consistent across all human AT samples,
reflecting the similar composition and saturation of human AT at the molecular level[205].
Furthermore, even the rodent AT samples agree reasonably well with the human results,
despite that the composition of rodent AT is expected to vary from that of humans, primarily
because of differences in diet. Interestingly, this consistency is similar to the consistency
found for the temperature dependence of T1 and T2 of methylene and methyl protons[207]
in bovine fat, porcine fat, olive oil and mayonnaise, highlighting the high similarity of these
samples at the molecular level. In light of these results, it is reasonable to assume that even
if a larger number of human AT samples were to be analyzed, no significant differences in
rLDX chemical shift would be observed. This suggests that the rLDX chemical shift can
indeed be used to obtain absolute temperature information in vivo with a precision of 0.3◦C
when using the rLDX temperature calibration obtained here.
Of course, in vivo, a subject’s motion and broadening of the resonance frequency lines
could decrease temperature accuracy; however, local shimming procedures performed on the
methylene protons, coupled with a sequential acquisition of the 1H and 129Xe spectra, can
minimize these effects. On the other hand, any effect due to shimming conditions or tissue
microscopic structure is completely eliminated by referencing the LDX frequency to that of
the nearby methylene protons in which xenon dissolves. This opens up the opportunity to
measure directly absolute temperature in adipose tissues like BAT, where the major dissolved-
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phase peak observed during cold exposure after inhalation of a single bag of hyperpolarized
xenon originates from xenon dissolved in the lipids of BAT[111].
Since the linear dependence of the rLDX chemical shift, which arises from the linear
decrease of solvent density with increasing temperature, is expected to exist for a much
wider temperature range[183], application of rLDX thermometry for temperature calibration
of current proton MR thermometry methods in lipid-rich tumors could be envisioned. As
demonstrated here, microscopic susceptibility gradients generated at water-fat interfaces often
degrade the precision with which absolute temperature can be measured using methylene-
referenced PRF. In these spectra, the water and methylene peaks were well-resolved and well-fit
at each temperature, and the peak centroids were determined with negligible uncertainty.
Even so, the 1H-methylene chemical shift separation temperature calibrations previously
reported led to an absolute temperature error up to 4◦C. While specific applications may
exist where a 4◦C precision is acceptable, such as monitoring of tissue temperature during
hyperthermia treatment of cancers, for others, such as the quantification of BAT thermogenesis
in humans, a higher degree of precision is necessary.
5.6 Conclusion
In this work, we analyzed the dependence of the rLDX frequency on lipid saturation,
FDCB, and AHCL for different oil and human AT samples. Although the rLDX frequency
seems to depend on both FDCB and AHCL, the small variation in FDCB and AHCL
that exists across human AT samples does not significantly affect the rLDX chemical shift.
By using the rLDX temperature calibration found in these studies, absolute human AT
temperature can, under optimal conditions, be obtained directly from the rLDX frequency
with a precision of 0.3◦C. On the other hand, in similar samples, the proposed 1H-methylene
temperature calibrations seem to produce temperature errors of several degrees Celsius.
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CHAPTER 6: MAGNETIC RESONANCE THERMOMETRY WITH HYPER-
POLARIZED XENON REVEALS NOVEL THERMOGENESIS
MECHANISMS
6.1 Introduction
One of the most interesting applications of dissolved-phase 129Xe MRI explored in our
lab is the detection of the thermogenic function of a tissue called brown adipose tissue (BAT).
The function of BAT is of great interest in the biomedical research community as this tissue
is a potential target for the treatment of obesity and type 2 diabetes[208].
Brown adipose tissue is a tissue specialized in non-shivering thermogenesis, a mechanism
developed by mammals to defend core body temperature. In BAT this mechanism is mediated
primarily by uncoupling protein 1 (UCP1). Specifically, UCP1 uncouples fatty acid oxidation
from adenosine triphosphate production, leading to a futile metabolic process that results in
increased heat production[209]. As such, the presence of UCP1 in brown adipocytes has been
thought of as a necessary, although not sufficient, condition for BAT thermogenesis[210, 211].
One critical tool for studying non-shivering thermogenesis in BAT has been the develop-
ment of UCP1 knockout (KO) mice[212]. The KO animal model has enabled studies aimed at
identifying UCP1-independent adaptive thermogenic mechanisms. Specifically, work done in
isolated brown adipocytes of wild-type (WT) and KO mice have shown only a transient small
response to norepinephrine in brown adipocytes of KO animals, leading to the conclusion
that no other adrenergically-induced thermogenic mechanism exists in brown adipocytes
except that mediated by UCP1[213, 214]. More recent studies have suggested that alternative
mechanisms of thermogenesis that are independent of UCP1 may exist in beige fat[215–217],
white adipose tissue[218], and/or skeletal muscle mitochondria[219]. The major drawback of
these studies is that UCP1-independent thermogenesis was assessed, in all cases, indirectly,
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by either measurements of oxygen consumption in a controlled environment, fat oxidation
in tissue suspensions, and/or increased adenosine monophosphate-activated protein kinase
activity in dissected tissues.
In vivo, the most widely used technique to detect BAT thermogenesis is 18F-fluorodeoxyglucose
positron emission tomography[114, 182, 220–228], which traces glucose uptake by stimulated
BAT. However, as was recently demonstrated, glucose uptake in BAT can occur with or
without BAT thermogenesis[220, 223]. At the same time, absence of glucose uptake in BAT
does not exclude the presence of BAT thermogenesis[221, 227].
The most direct way to determine whether UCP1-independent thermogenic mechanisms
exist in BAT would be via direct measurements of the temperature of this tissue in intact KO
animals. However, temperature measurements of tissues deep inside the body are notoriously
very difficult. Optical techniques like near-infrared thermography[223, 229] have the advantage
of being minimally invasive and cost-effective for large studies; however, these measurements
assess BAT temperature only indirectly via superficial skin temperature measurements that
do not have the necessary sensitivity and specificity to detect small temperature changes that
may occur a few mm beneath the skin[230–234]. Furthermore, thermographic techniques are
prone to artifacts from the environmental conditions under which these measurements are
performed, even when a reference region is used for relative temperature measurements[235].
Wire thermistors[210] and thermocouples[216, 236] have also been used. While the use of
these probes is relatively straightforward and enables good temporal resolution, improper
probe placement and the relatively large heat capacity of these probes may prevent the
detection of small, but important, tissue temperature changes that could occur in the intact
tissue[237].
As discussed in Chapter 5, dissolved-phase 129Xe thermometry can serve as a robust and
accurate absolute temperature probe in lipid-rich tissues. By referencing the temperature-
dependent chemical shift of lipid-dissolved xenon to the temperature-independent chemical
shift of nearby lipid protons, frequency shifts induced by macro- and microscopic suscepti-
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bility gradients can be fully removed to obtain absolute temperature information[238, 239].
Additionally, our group has demonstrated that xenon accumulates specifically in BAT during
stimulation of thermogenesis, enabling direct observation of differences in BAT thermogenic
activity between lean and obese mice[109]. Therefore, in this final chapter, absolute MR ther-
mometry by lipid-dissolved, hyperpolarized 129Xe (XeMRT) is used to measure directly BAT
temperature in vivo in both WT and KO mice to assess whether other UCP1-independent
thermogenic mechanisms also exist in BAT.
6.2 Materials and Methods
6.2.1 Animal Protocol
All experiments were conducted under protocols approved by the Institutional Animal
Care and Use Committee at the University of North Carolina at Chapel Hill. A colony of
UCP1 wild-type (WT) mice and UCP1 knockout (KO) mice was generated from a single
breeding pair of UCP1 heterozygous mice purchased from Jackson Laboratory with a C57BL
genetic background. Mice were housed at thermoneutral conditions (24◦C) and fed a standard
chow diet ad libitum until imaging. Mice were genotyped by polymerase chain reaction of
mouse tail DNA.
For the MR temperature experiment, a total of 3 WT mice and 8 KO mice were used. For
these studies, each mouse was anesthetized with an intraperitoneal injection of pentobarbital
(Oak Pharmaceuticals, Lake Forest, Illinois, USA) at 75 mg/kg followed by intubation. An
intraperitoneal catheter was placed to provide maintenance doses of pentobarbital (1/4 of the
initial dose every 40 minutes), while a subcutaneous catheter was placed for norepinephrine
injection (Levophed norepinephrine bitartrate, Hospira, Inc., Lake Forest, Illinois, USA) at a
dose of 1 mg/kg. A sketch of the experimental setup is shown in Figure 6.1.
All imaging experiments were performed on a 9.4 T spectrometer (Bruker BioSpec 94/30,
Bruker Biospin Corp., Billerica, Massachusetts, USA). For the experiment, anesthetized mice
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Figure 6.1: Following anesthesia, mice were placed on a small animal cradle with physiological
monitoring by ECG and rectal probe, and were mechanically ventilated. A second temperature
probe was placed next to the animal to monitor bore temperature. Pentobarbital and
norepinephrine injections were administered in situ via intraperitoneal (IP) and subcutaneous
(SC) catheters, respectively, attached to lines running out of the magnet bore to syringes.
The red dashed line indicates the anatomical region of interest which also coincides with the
sensitive region of the 129Xe surface coil.
were placed supine on a 1 cm diameter 129Xe surface coil (m2m Imaging Corp., Cleveland,
Ohio, USA) with the sensitive region of the coil located above the interscapular BAT depot.
The 129Xe surface coil was then placed inside a 72 mm 1H quadrature volume coil (Bruker
Biospin Corp.), used to collect 1H anatomical images and spectra, and positioned at the
isocenter of the 9.4 T magnet. One animal was scanned with a 35 mm dual-tuned 1H/129Xe
volume quadrature coil (m2m Imaging Corp.) used to acquire all spectra.
During the experiment, mice were mechanically ventilated using a homemade ventilator
similar to one described in previous work[147] compatible with hyperpolarized 129Xe gas at a
tidal volume of 0.15 mL with 30-vol% O2 and 70-vol% N2. For
129Xe measurements the N2
volume was replaced with 129Xe gas polarized to around 16%. Throughout the experiment,
mouse heart rate was monitored via ECG with an MR-compatible physiological monitoring
system (Small Animal Instruments, Stony Brook, New York, USA).
The spectrometer bore temperature was monitored by an MR-compatible thermocouple
and maintained at 34◦C ± 1◦C by a forced-air heating system (Small Animal Instruments).
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Mouse rectal temperature was monitored via an MR-compatible rectal probe (Temp 9500,
Oakton Instruments, Vernon Hills, Illinois, USA). Once in place, anesthetized mice were
equilibrated to bore temperature for about 30 minutes while anatomical images were acquired
and a BAT volume of interest shimmed for field homogeneity as described below. Mouse
rectal temperature after 30 minutes consistently stabilized around 34.5◦C. Once equilibrated,
periodic BAT and rectal temperature measurements were made using XeMRT and the
rectal temperature probe, respectively. After the acquisition of 2-3 xenon spectra and rectal
temperature data points, mice were injected with norepinephrine at a dose of 1 mg/kg. After
norepinephrine injection, a series of XeMRT temperature measurements were performed
every 3-10 minutes for the entire duration of BAT stimulation, which lasted up to about
40-50 minutes after subcutaneous norepinephrine injection. In some animals, a second
norepinephrine injection was performed about one hour from the first injection. At the end
of the experiment, mice were euthanized with an overdose of pentobarbital.
6.2.2 In Vivo 129Xe Magnetic Resonance Thermometry
All MR scans were respiratory triggered to reduce motion artifacts. Anatomical axial 1H
scans were acquired with a multi-slice, multi-echo imaging sequence using a 30 × 30 mm2 field
of view, 256 × 128 matrix, 6 slices, 2 mm slice thickness, 20 ms echo time, 1 s repetition time,
and 1 average. Volumes of interest containing primarily interscapular BAT were identified in
the anatomical images and the signal selected from a localized point-resolved spectroscopy
sequence (PRESS) was manually shimmed up to the second order using the 1H methylene
peak. The localized 1H spectra were acquired immediately before and after the acquisition
of 129Xe spectra with 2048 complex points, 20 ppm bandwidth, 12 averages, 2 s repetition
time, 18.2 ms echo time, and 400.321 MHz basic frequency. 129Xe spectra were acquired
either with a non-localized sequence (90◦-acquisition sequence, with 4096 complex points,
500 ppm bandwidth, 110.7518 MHz basic frequency, 4 s repetition time, and 15 averages) or
a localized stimulated echo acquisition mode sequence (STEAM, 4096 complex points, 500
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ppm bandwidth, 110.7518 MHz basic frequency, 6 ms echo time, 7 ms mixing time, 3.5 s
repetition time, and 20 averages). From each pair of 1H and 129Xe spectra, BAT absolute
temperature T was calculated by using the previously determined temperature calibration
for the chemical shift of lipid-dissolved 129Xe [239]:
T =
δCH2,ref − (200.15± 0.03)ppm
−(0.0058± 0.0010)ppm/◦C
, (6.1)
where δCH2,ref is the methylene-referenced, lipid-dissolved
129Xe chemical shift. This shift is
calculated with respect to a fictitious 0 ppm reference derived from the 1H spectra as detailed
in Chapter 4.
In regions of strong magnetic susceptibility gradients, such as BAT, ill-defined peak
shapes can result from the convolution of macro- and microscopic magnetic susceptibility
and shimming gradients. As a result, typical post-processing procedures such as phasing,
baseline correction, and peak-fitting of standard spectroscopic line shapes (e.g. Lorentzian,
Lorentzian/Gaussian, Voigt) fail to estimate reliably the peak centroid and uncertainty.
Therefore, two independent analyses were performed whereby 1H and 129Xe peak centroids
were manually determined by two independent investigators from magnitude spectra. The
average of the two peak centroids was then used to calculate the temperature, and half of the
difference between the two values was used as the uncertainty.
6.2.3 Xenon-enhanced Computed Tomography
Xenon-enhanced computed tomography was used as described in previous studies[114]
to directly assess the degree of xenon uptake in the activated BAT of both WT and KO
phenotypes. For these experiments six animals, three WT mice and three KO mice, were
anesthetized and intubated as described above and placed in the CT scanner (GE eXplore
speCTZ/CT, General Electric Company, Waukesha, Wisconsin, USA). Animals were then
injected with a 1 mg/kg dose of norepinephrine and ventilated with a tidal volume of 0.25
mL with 30-vol% O2 and 70-vol% N2 during non-enhanced CT scans. Scout CT scans were
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Figure 6.2: Anatomical 1H images showing the shimmed region from which localized spectra
were acquired. Representative sagittal (a) and axial (b) images of one KO mouse with the
localized spectroscopy voxel outlined in magenta. The 129Xe surface coil was located right
beneath this region.
initiated immediately after norepinephrine injection, followed by non-enhanced and then
xenon-enhanced CT scans. All CT scans were acquired with a tube peak voltage of 70
kVp, current of 50 mA, 220 views, and a resolution of 100 µm. Analysis of CT images was
performed using VivoQuant software (Invicro, LLC, Boston, Massachusetts, USA).
6.3 Results
An example of anatomical 1H images indicating the shimmed region from which localized
spectra were acquired is shown in Figure 6.2. The interscapular BAT is clearly visible in
these images as regions of hyperintensity centered within the volume of interest. A large
volume (∼ 4 cm3) was selected to include the entire interscapular BAT depot that mostly
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contributed to the observed 129Xe signal detected with the surface coil located beneath the
BAT depot. Examples of 1H and 129Xe spectra acquired from a KO animal are shown in
Figure 6.3. Prior to norepinephrine injection, non-localized 129Xe spectra contain broad
signal components originating from non-fat tissues located primarily outside the shimmed
area, whereas in localized xenon spectra most of the signal originates from fat-containing
tissues that possibly include both BAT and surrounding white adipose tissue. As expected,
given the short repetition times used in these sequences, in both spectra the intensity of
the lipid-dissolved 129Xe is too small to be quantified, preventing measurement of BAT
temperature before stimulation. Right after stimulation of thermogenesis, an average 30-fold
enhancement in the lipid-dissolved 129Xe peak in the non-localized sequence enabled clear
identification of the lipid-dissolved 129Xe peak from BAT and measurement of its frequency.
Given the broad contribution of nearby 129Xe peaks in the non-localized spectra at the
lipid-dissolved xenon frequency, the 30-fold enhancement is clearly an underestimation of
the actual signal enhancement that occurs as a result of the increased uptake of 129Xe in
BAT. The relative signal enhancement in the localized 129Xe spectra more closely reflects
the actual specific enhancement in xenon uptake in BAT; however, since the localized lipid-
dissolved 129Xe signal from BAT is not clearly visible pre-norepinephrine injection, the
specific enhancement in BAT cannot be directly quantified. On the other hand, no significant
differences were noted in the localized 1H spectra.
While 129Xe spectroscopy clearly indicates that the major xenon signal originates from
lipid compartments, xenon-enhanced computed tomography (XECT) confirmed that these
lipid compartments are lipid compartments in BAT. A selective radio density enhancement
of over 200 Hounsfield units (HU) was observed in the BAT of KO mice, similar to the
enhancement observed in WT mice (Figure 6.4) reported in previous work[114]. Thus,
XECT confirmed negligible radio density enhancement from nearby muscle tissue or white
adipose tissue, confirming that the lipid-dissolved xenon signal observed in 129Xe spectra
after norepinephrine stimulation derives from BAT.
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Figure 6.3: 1H and 129Xe spectra from a KO animal before and after norepinephrine injection.
No changes are observed in the localized 1H spectra before and after norepinephrine injection,
whereas a large signal enhancement is observed in localized and non-localized 129Xe spectra
right after norepinephrine injection as a result of BAT activation and the shunting of blood
to this tissue[114]. Unlike the non-localized xenon spectra, that before norepinephrine
injection shows mainly broad signal components originating from non-fat regions outside
the shimmed voxel, the localized 129Xe spectra show only a very small signal component
originating from lipid compartments before norepinephrine injection. In the xenon spectra,
before norepinephrine, non-localized 129Xe spectra showed contributions from regions outside
of the BAT whereas localized 129Xe spectra showed little or no signal in the BAT above noise.
The 129Xe chemical shifts are referenced to the spectrometer center frequency and the 129Xe
spectra are referenced to the methylene signal, as described in Chapters 4 and 5.
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Figure 6.4: Non-enhanced and xenon-enhanced CT images of a WT and a KO mouse. a:
Axial CT and xenon-enhanced CT (XECT) images of a WT mouse after norepinephrine
injection, with a non-enhanced sagittal CT image indicating the location of the axial slice
(red arrow). b: Axial CT and XECT images of a KO mouse after norepinephrine injection,
with a non-enhanced sagittal CT image indicating the position of the axial slice (red arrow).
In both WT and KO mice ventilation with xenon during norepinephrine stimulation resulted
in a >200 HU enhancement in interscapular BAT (red dashed box).
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Figure 6.5: Temperature trends following the first norepinephrine injection for two KO mice
and one WT mouse. Plots of rectal temperature (blue triangles) as well as BAT temperature
as measured by XeMRT using a non-localized (red circles) and/or localized (green diamonds)
129Xe sequence versus time following the first norepinephrine injection. Second norepinephrine
injection times are indicated by the red dashed line and label “NE2”. Animals (a) and (b)
are KO mice and (c) is a WT mouse.
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Figure 6.6: Example of lipid-dissolved 129Xe spectra acquired in WT and KO mice following
norepinephrine injection. Plots of lipid-dissolved 129Xe spectra over time in (a) WT (non-
localized) and (b) KO (localized) mice show the clear upfield shift of the lipid-dissolved 129Xe
chemical shift, indicating a clear increase in lipid temperature. Spectrum amplitudes are
scaled for clarity.
An example of BAT temperature measurements obtained from KO and WT animals
right after stimulation of thermogenesis by norepinephrine, when the lipid-dissolved 129Xe
frequency can be clearly identified and measured, is shown in Figure 6.5. An increase in BAT
temperature following norepinephrine injection was observed in both KO and WT mouse
phenotypes, regardless of gender. Figure 6.6 shows the remarkable temperature-induced
drift of the lipid-dissolved 129Xe peak used to measure BAT temperature changes. In both
phenotypes BAT temperature increases steadily after norepinephrine injection for about
40-50 minutes, after which BAT stimulation ceases and the lipid-dissolved 129Xe signal
intensity returns to baseline levels, preventing further temperature measurements. Although
the increase in BAT temperatures in WT mice was generally greater than in KO mice, in
both phenotypes the increase in BAT temperature was higher than the increase in rectal
temperature, suggesting that heat was generated in or near BAT. The KO animals that































Figure 6.7: Box plots of maximum temperature increases above 34.5◦C for all animals as
measured by XeMRT following norepinephrine injection. The mean ± standard deviation for
each group of animals is as follows: (3.0 ± 0.5)◦C for all N=8 KO animals, (4.9 ± 1.9)◦C
for N=3 WT animals, (3.1 ± 0.7)◦C for N=4 male KO animals, and (2.9 ± 0.4)◦C for N=4
female KO animals.
increase in BAT temperature. A summary of the maximum temperature increase observed in
WT and KO mice is provided in the box plot in Figure 6.7.
6.4 Discussion and Conclusion
In this study, we present evidence that the BAT of KO mice is thermogenically compe-
tent. Temperature measurements by XeMRT show that BAT temperature increases with
norepinephrine stimulation, despite ablation of UCP1 (Figure 6.7). This result lends credence
to other investigations that have suggested the possible existence of thermogenic mechanisms
independent of UCP1[215–218, 221]. Specifically, in almost every KO mouse, the rate at
which BAT temperature increases is faster than the rectal temperature. The same trends are
observed in the WT mice, but are much more pronounced because of the presence and action
of UCP1 in the BAT of these animals (Figure 6.5). This strongly suggests that some form of
non-shivering thermogenesis, independent of UCP1, also takes place in or very near the BAT
of KO mice.
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Recent studies have also presented evidence for three possible UCP1-independent thermo-
genic mechanisms in brown adipocytes[211]: genetic evidence for creatine-regulated substrate
cycling[215, 240]; genetic, physiological monitoring, and a series of in vitro assay evidence for
calcium-dependent hydrolysis of adenosine triphosphate[216]; and core body temperature data
for proton leak by uncoupling protein 3[241]. However, in each of the studies above, support
for the existence of the given UCP1-independent thermogenic mechanism is limited to indirect
evidence. The current study, on the other hand, represents the first direct observation of
UCP1-independent non-shivering thermogenesis in BAT in vivo. It is important to note that
this method reports directly on the temperature of brown adipocytes. These and other[114]
experiments have clearly shown that, following norepinephrine injection, the lipid-dissolved
signal observed in 129Xe spectra originates exclusively from fat droplets contained within
brown adipocytes. As such, these temperature measurements report directly on BAT cell
temperature, which is expected to be higher than overall tissue temperature. Other MR-based
techniques typically measure the average temperature in a given region of interest, which
may contain other tissues and give rise to partial volume effects.
The thermometry technique used here can also provide absolute temperature measure-
ments. It is important to note that, for accurate absolute temperature measurement in mice,
where the sensitive region of small surface coils is still relatively large compare to the area of
interest, localized spectroscopy sequences should be used. Prior to norepinephrine injection,
other broad, dissolved-phase 129Xe signals are indeed clearly visible in the non-localized
spectrum, as shown in Figure 6.3. These peaks most likely originate from 129Xe dissolved in
blood plasma and in the lung parenchyma[128], which are anatomically close to the volume
of interest and within the 129Xe surface coil sensitive region. The localized 129Xe spectra,
on the other hand, do not contain contamination from anatomical regions outside of the
volume of interest because of dephasing by the imaging gradients as well as mixing times that
are much longer than the effective transverse relaxation time (T?2) of these signals. In this
study, absolute temperature measurements by the non-localized 129Xe sequence suffer from
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a systematic error that most likely results from: (1) signal contamination from other BAT
regions outside of the volume of interest; and (2) a slight mismatch between the sensitive
region of the 129Xe surface coil and the shimmed region of the interscapular BAT. When
large surface coils (relative to the region of interest) are used, as in this case, a localized
spectroscopy sequence should be used to obtain a more reliable absolute temperature mea-
surement. Nonetheless, the relative temperature changes measured using the non-localized
spectroscopy sequence still reliably reveal the surprising increase in BAT temperature in KO
animals following norepinephrine injection.
In summary, we have used XeMRT to observe norepinephrine-induced UCP1-independent
non-shivering thermogenesis in mice.
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CHAPTER 7: CONCLUSIONS
This dissertation described work that began with studies of 129Xe depolarization mecha-
nisms in continuous-flow spin-exchange optical pumping and proceeded through the devel-
opment of a simple and robust 1H referencing system for dissolved-phase 129Xe magnetic
resonance spectroscopy. The use of a 1H reference for dissolved-phase 129Xe frequencies
enabled the identification of new dissolved-phase signals in vivo as well as the use of 129Xe as
an absolute temperature probe in adipose tissue. This final chapter reviews the major results
presented and contributions to the field of 129Xe magnetic resonance spectroscopy.
Chapter 2 described in detail the design and construction of both an ultra-low field NMR
spectrometer and an optical spectrometer for use in studying continuous-flow SEOP. The
ultra-low field NMR spectrometer is based on an in-house LabVIEW-controlled spectrometer
that enables full customization of the NMR acquisition. In addition to monitoring 129Xe
polarization in situ in the polarizer optical cell, the spectrometer also incorporates an external
trigger that can interface with our small animal ventilator and enables future in vitro and in
vivo hyperpolarized 129Xe studies. The optical spectrometer, similarly, was built to have a
flexible resolution and bandwidth needed for atomic absorption spectroscopy measurements
during continuous-flow SEOP.
The ultra-low field NMR and optical spectrometers were then used in Chapter 3 to study
the effects of depolarization by dark Rb and to attempt to observe evidence of Rb nanoclusters
during continuous-flow SEOP. While the optical absorption spectroscopy measurements were
not sensitive enough to directly observe Rb2 in situ, absorption measurements on a sealed Rb
cell allowed us to set an upper limit of 8.3×1015 cm−3 for Rb2 present during continuous-flow
SEOP. In addition, we found that 129Xe depolarization caused by dark Rb vapor in the outlet
of the optical cell was not more than a few percent for typical collection parameters, but
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could have more detrimental effects on final 129Xe polarization at higher temperatures and
lower flow rates.
Chapter 4 began by describing some of the in vivo applications of hyperpolarized 129Xe gas
and points to one of the major issues encountered in in vivo NMR spectroscopy experiments
with hyperpolarized 129Xe: the lack of a robust spectroscopic reference. We first examined the
effects of magnetic susceptibility gradients on the traditional gas-phase referencing technique
for 129Xe MRS measurements. We showed that magnetic susceptibility gradients produce
an apparent shift of dissolved-phase frequencies up to 3 ppm when the gas phase is used
as a reference. This shift could be even higher when specific shimming conditions are used.
We then proposed the use of the 1H frequency as a spectroscopic reference standard for the
dissolved-phase 129Xe frequencies. This 1H-based reference enabled direct comparison of in
vitro high resolution 129Xe spectra with in vivo dissolved-phase spectra to identify at least
one new dissolved-phase peak in the rat head and to clarify two other peak assignments.
Chapter 5 investigated the dependence of the methylene-referenced 129Xe signal on
lipid composition and temperature, characterizing the temperature dependence of the lipid-
dissolved 129Xe chemical shift in human adipose tissue (δ=(-0.2058±0.0010 ppm/◦C)×T
+(200.15±0.03 ppm)). We showed that, while the 129Xe chemical shift did depend strongly
on triglyceride hydrocarbon chain length and the number of double carbon bonds, the
natural variations in lipid composition between human samples did not significantly affect the
absolute temperature calibration. The absolute temperature dependence of 129Xe in rodent
adipose tissue also agreed reasonably well with that in humans, enabling the use of the same
temperature calibration for these species.
Finally, absolute 129Xe MR thermometry was used in Chapter 6 to study brown adipose
tissue activity in wild-type and UCP1 knockout mice genetically modified to be, presum-
ably, incapable of generating heat in their brown adipose tissue. Surprisingly, by using
hyperpolarized 129Xe thermometry we were able to detect thermogenic activity in the brown
adipose tissue of these mice. Following norepinephrine stimulation, UCP1 knockout mice
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presented an average increase in brown adipose tissue temperature above equilibrium of
(3.0±0.5)◦C by 129Xe MR thermometry. These temperature measurements demonstrate
that 129Xe MR thermometry is both sensitive to small temperature changes and robust
against microscopic susceptibility gradients that can severely limit the accuracy of other MR
thermometry methods.
As described in this dissertation, magnetic resonance spectroscopy based on dissolved-
phase xenon NMR resonances shows great promise to become a powerful research tool to
probe the molecular environment of tissues and organs. A number of avenues that build
on the present work are currently being pursued in our group. These include the use of
129Xe magnetic resonance thermometry to assess BAT thermogenic function in adult humans.
This application is particularly exciting as current imaging modalities like 18F-FDG-PET,
1H-based MR thermometry, and infrared thermography are unable to reliably detect BAT
thermogenesis in adult humans. The ability to directly monitor BAT thermogenesis in humans
can provide new insights into the role that this tissue plays in the development of obesity and
diabetes, as well as provide a more specific tool to assess the efficacy of anti-obesity therapies
that directly target BAT function.
While our current polarization efficiency is fairly adequate for BAT thermometry in adult
humans, for quantification of BAT mass, higher polarization levels, close to the theoretical
maximum, would be needed. The ability to quantify BAT mass is of clinical relevance since
the extent of BAT mass is determined by chronic BAT activity. Currently, 2D hyperpolarized
129Xe MRI maps of BAT mass with an in-plane spatial resolution of 14 × 14 mm2 can be
obtained with a xenon polarization of only about 16%. Because resolution in MR images is
not “diffraction limited” but “SNR limited”, a four-fold increase in polarization would lead
directly to a four-fold increase in resolution. Such an increase in polarization levels have been
reported in the literature [242] and should be possible with the newer polarizer currently
under construction in our lab.
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Another promising future application of dissolved-phase hyperpolarized 129Xe is as a
contrast agent for molecular imaging. A number of biosensors used in combination with
hyperpolarized 129Xe have been demonstrated in the literature, but await full translation to
in vivo applications. For example, the cage molecule cucurbit[6]uril can contain a single 129Xe
atom acquired from a surrounding pool of dissolved-phase 129Xe. The chemical exchange of
129Xe between the dissolved phase and the molecule, coupled with the large chemical shift
difference between these two compartments, allows for a novel source of contrast that enables
imaging of µM concentrations of the cage molecule. This technique is known as hyperpolarized
129Xe chemical exchange saturation transfer (hyper-CEST). Furthermore, cage molecules
like cucurbit[6]uril can be decorated with ligands that target specific chemical environments
or cell receptors. One could then envision using such a molecule to target, for example, a
particular type of cancer cell for imaging and treatment. More recently, nanoscale gas vesicles
have been developed and used in conjunction with hyper-CEST. The major advantage of gas
vesicles over cage molecules is that a single gas vesicle is able to host many 129Xe atoms, thus
leading to a further boost in MR sensitivity down to nM concentrations[243]. While these
applications are still in the early stages of development, with the continued improvement of
129Xe polarization efficiency and dissolved-phase 129Xe MR methods, the full capability of
these biosensors for molecular imaging could be realized in the near future.
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Mali WPTM, Moonen CTW, van den Bosch MAAJ, Bartels LW. Performance analysis
of a dedicated breast MR-HIFU system for tumor ablation in breast cancer patients.
Physics in Medicine and Biology 2015; 60:5527–5542.
[168] Wijlemans JW, de Greef M, Schubert G, Bartels LW, Moonen CT, van den Bosch MA,
Ries M. A Clinically Feasible Treatment Protocol for Magnetic Resonance-Guided
High-Intensity Focused Ultrasound Ablation in the Liver. Investigative Radiology 2015;
50:24–31.
126
[169] Bour P, Marquet F, Ozenne V, Toupin S, Dumont E, Aubry JF, LepetitCoiffe M,
Quesson B. Real-time monitoring of tissue displacement and temperature changes
during MR-guided high intensity focused ultrasound. Magnetic Resonance in Medicine
2017; 78:1911–1921.
[170] Zachiu C, Denis de Senneville B, Dmitriev ID, Moonen CTW, Ries M. A framework
for continuous target tracking during MR-guided high intensity focused ultrasound
thermal ablations in the abdomen. Journal of Therapeutic Ultrasound 2017; 5:27.
[171] Quesson B, Laurent C, Maclair G, de Senneville BD, Mougenot C, Ries M, Carteret T,
Rullier A, Moonen CT. Real-time volumetric MRI thermometry of focused ultrasound
ablation in vivo: a feasibility study in pig liver and kidney. NMR in Biomedicine 2011;
24:145–153.
[172] van Breugel JMM, de Greef M, Wijlemans JW, Schubert G, van den Bosch MAAJ,
Moonen CTW, Ries MG. Thermal ablation of a confluent lesion in the porcine kidney
with a clinically available MR-HIFU system. Physics in Medicine & Biology 2017;
62:5312–5326.
[173] Eranki A, Farr N, Partanen A, Sharma KV, Rossi CT, Rosenberg AZ, Kim A, Oetgen M,
Celik H, Woods D, Yarmolenko PS, Kim PC, Wood BJ. Mechanical fractionation of tis-
sues using microsecond-long HIFU pulses on a clinical MR-HIFU system. International
Journal of Hyperthermia 2018; 34:1213–1224.
[174] Sprinkhuizen SM, Konings MK, van der Bom MJ, Viergever MA, Bakker CJG, Bar-
tels LW. Temperature-induced tissue susceptibility changes lead to significant tempera-
ture errors in PRFS-based MR thermometry during thermal interventions. Magnetic
Resonance in Medicine 2010; 64:1360–1372.
[175] McCallister D, Zhang L, Burant A, Katz L, Branca RT. Effect of microscopic suscepti-
bility gradients on chemical-shift-based fat fraction quantification in supraclavicular
fat. Journal of Magnetic Resonance Imaging 2019; 49:141–151.
[176] Sprinkhuizen SM, Bakker CJG, Ippel JH, Boelens R, Viergever MA, Bartels LW.
Temperature dependence of the magnetic volume susceptibility of human breast fat
tissue: an NMR study. Magnetic Resonance Materials in Physics, Biology and Medicine
2012; 25:33–39.
[177] Baron P, Deckers R, Bouwman JG, Bakker CJG, de Greef M, Viergever MA, Moo-
nen CTW, Bartels LW. Influence of water and fat heterogeneity on fat-referenced MR
thermometry. Magnetic Resonance in Medicine 2016; 75:1187–1197.
[178] Zhang L. “Temperature Dependence of the Chemical Shift of Lipid-dissolved 129Xe
and Its Applications in MR Thermometry”. PhD thesis, University of North Carolina
at Chapel Hill, 2017.
[179] Poorter JD. Noninvasive MRI thermometry with the proton resonance frequency
method: Study of susceptibility effects. Magnetic Resonance in Medicine 1995; 34:359–
367.
127
[180] Kuroda K, Mulkern R, Oshio K, Panych L, Nakai T, Moriya T, Okuda S, Hynynen K,
Joles F. Temperature mapping using the water proton chemical shift: Self-referenced
method with echo-planar spectroscopic imaging. Magnetic Resonance in Medicine 2000;
43:220–225.
[181] Hernando D, Sharma SD, Kramer H, Reeder SB. On the confounding effect of temper-
ature on chemical shift-encoded fat quantification. Magnetic Resonance in Medicine
2014; 72:464–470.
[182] Koskensalo K, Raiko J, Saari T, Saunavaara V, Eskola O, Nuutila P, Saunavaara J,
Parkkola R, Virtanen KA. Human Brown Adipose Tissue Temperature and Fat
Fraction Are Related to Its Metabolic Activity. The Journal of Clinical Endocrinology
& Metabolism 2017; 102:1200–1207.
[183] Venkatesh AK, Hong KS, Kubatina L, Sun Y, Mulkern R, Ferenc A, Albert MS. Using
dynamic hyperpolarized xenon MR to measure brain perfusion. Proceedings of the
International Society of Magnetic Resonance in Medicine 2001; 9:951.
[184] Germain D, Chevallier P, Laurent A, SaintJalmes H. MR monitoring of tumour thermal
therapy. Magma: Magnetic Resonance Materials in Physics, Biology, and Medicine
2001; 13:47–59.
[185] Nedergaard J, Cannon B. The Changed Metabolic World with Human Brown Adipose
Tissue: Therapeutic Visions. Cell Metabolism 2010; 11:268–272.
[186] Cypess AM, Haft CR, Laughlin MR, Hu HH. Brown Fat in Humans: Consensus Points
and Experimental Guidelines. Cell Metabolism 2014; 20:408–415.
[187] Lee P, Ho KKY, Lee P, Greenfield JR, Ho KKY, Greenfield JR. Hot fat in a cool man:
infrared thermography and brown adipose tissue. Diabetes, Obesity and Metabolism
2011; 13:92–93.
[188] Yuan H, Jameson CJ, Gupta SK, Olson JD, Murad S. Prediction of Henry’s constants
of xenon in cyclo-alkanes from molecular dynamics simulations. Fluid Phase Equilibria
2008; 269:73–79.
[189] Pollack GL, Kennan RP, Himm JF, Stump DR. Diffusion of xenon in liquid alkanes:
Temperature dependence measurements with a new method. Stokes-Einstein and hard
sphere theories. The Journal of Chemical Physics 1990; 92:625–630.
[190] Jameson CJ. The Xenon Chemical Shift and Chemical Shift Anisotropy. in “Hyperpo-
larized 129Xe Magnetic Resonance”, chapter 2, pp. 16–48. RSC Publishing, 2015.
[191] Jameson CJ, Stueber D. The nuclear magnetic resonance line shapes of Xe in the cages
of clathrate hydrates. Journal of Chemical Physics 2004; 120:10200–10214.
[192] Stueber D, Jameson CJ. The chemical shifts of Xe in the cages of clathrate hydrate
structures I and II. Journal of Chemical Physics 2004; 120:1560–1571.
128
[193] Cheung TTP. Temperature Dependence of 129Xe NMR of Xenon in Microporous Solids.
The Journal of Physical Chemistry 1995; 99:7089–7095.
[194] Kromhout RA, Linder B. The effect of dispersion interaction on nuclear magnetic
shielding. Journal of Magnetic Resonance (1969) 1969; 1:450–463.
[195] Stengle TR, Reo NV, Williamson KL. Nuclear magnetic resonance solvent shifts of
xenon. A test of the reaction field model. The Journal of Physical Chemistry 1981;
85:3772–3775.
[196] Wolber J, Rowland IJ, Leach MO, Bifone A. Perfluorocarbon emulsions as intravenous
delivery media for hyperpolarized xenon. Magnetic Resonance in Medicine 1999;
41:442–449.
[197] Ren J, Dimitrov I, Sherry AD, Malloy CR. Composition of adipose tissue and marrow
fat in humans by 1H NMR at 7 Tesla. Journal of Lipid Research 2008; 49:2055–2062.
[198] Strobel K, van den Hoff J, Pietzsch J. Localized proton magnetic resonance spectroscopy
of lipids in adipose tissue at high spatial resolution in mice in vivo. Journal of Lipid
Research 2008; 49:473–480.
[199] Bao Q, Feng J, Chen L, Chen F, Liu Z, Jiang B, Liu C. A robust automatic phase
correction method for signal dense spectra. Journal of Magnetic Resonance 2013;
234:82–89.
[200] O’Haver T. Command-line peak fitter for time-series signals, 2016.
[201] Antonacci M, Burant A, Wagner W, Branca RT. Depolarization of nuclear spin
polarized 129Xe gas by dark rubidium during spin-exchange optical pumping. Journal
of Magnetic Resonance 2017; 279:60–67.
[202] York D, Evensen NM, Martnez ML, De Basabe Delgado J. Unified equations for the
slope, intercept, and standard errors of the best straight line. American Journal of
Physics 2004; 72:367–375.
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